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Abstract  
Ascaris lumbricoides, a major soil-transmitted helminth infecting over 1.2 billion people 
worldwide, is most refractory to treatment processes and its presence and/or inactivation in 
treated material can serve as an indicator of the efficiency of the disinfection process. Due to 
its high infectivity, risk to children, and resistance to adverse conditions such as high 
temperatures and alkaline pH, the Ascaris genus are parasites of great significance for 
evaluation of the sanitization of wastewater and sewage sludge. The reliable quantitative 
detection of viable ova is therefore essential for both accurate assessment of risk based target 
values and for the validation of the performance of sanitation systems. Conventional methods 
of helminth ova enumeration such as microscopy are time-consuming and tedious. The 
development of polymerase chain reaction (PCR)-based techniques have shown some success 
in overcoming a number of the challenges associated with conventional techniques, but these 
techniques also have shortfalls.  
The overarching aim of this thesis was to develop methods that assure high accuracy, speed 
and precision in the detection and determination of the viability of Ascaris ova in wastewater. 
In addition, the importance of accurately estimating the concentration of ova from wastewater 
and sludge samples was identified. Therefore, a new method to enumerate and recover 
Ascaris suum ova in wastewater and sludge was developed. The effectiveness of the modified 
method was compared with the Tulane and double flotation methods. The modified method 
resulted in enhanced ova recovery from wastewater (> 50%) and sludge (> 60%) with 
minimal processing time (≤ 2 hours). A significant increase in recovery (P value < 0.0001, 
paired T-Test) was observed when used to recover ova from wastewater and sludge.  
PCR-based techniques, especially quantitative PCR can be used to detect Ascaris ova in 
wastewater matrices with improved sensitivity and precision. However PCR/qPCR methods 
are unable to differentiate between viable and non-viable ova and might lead to 
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overestimation of infection intensity. To overcome such limitations, a method was developed 
using DNA intercalating dye propidium monoazide (PMA) with qPCR for the selective 
detection of viable Ascaris ova from wastewater. The validated PMA-qPCR method was 
subsequently compared with existing culture-based and BacLight Live/Dead staining 
methods for viability determination. The percentage of viability determined were; culture-
based (82%), BacLight Live/Dead staining (87%) and PMA-qPCR (85%), respectively. No 
significant statistical difference (P > 0.005, Fisher Exact Test) among the three methods was 
determined; however PMA-qPCR based viability determination is preferable due to its speed 
and accuracy. Thus PMA-qPCR could be a useful tool in the screening of Ascaris infection 
after mass anthelminthics administration and water sanitation and hygiene implemented 
countries.    
Due to the complexity of the assays and requirement for specialised and sophisticated 
devices, PCR-based techniques can not readily be adapted to be a point-of-care detection 
assay or used in resource-limited settings where the disease is mostly endemic. To meet the 
need for rapid on-site assay in resource-limited settings, recombinase polymerase 
amplification (RPA) assay coupled with eco-friendly lateral flow (LF) strips was developed 
and validated for the detection of Ascaris ova in wastewater. The Ascaris RPA-LF assay was 
able to detect Ascaris in less than 30 minutes with an optimal temperature at 37 ⁰C and was 
more sensitive than PCR-based approaches, with detection at DNA concentrations as low as 2 
femtograms. Furthermore, ova from two different helminth genera, Ascaris suum and 
Trichuris suis were able to be detected as a multiplex RPA-LF assay which could 
significantly reduce the time and cost of helminth identification. The RPA-LF assay was a 
sensitive, specific, user-friendly and cost-effective technique for the rapid detection of 
helminth ova with significant potential as an on-site molecular detection tool.  
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One of the main hindrances for the effective use of molecular methods in the detection of 
STH ova is the extraction of genomic DNA of good quantity and quality which is due to the 
presence of the tough outer shell of helminth ova. Commercial DNA extraction kits are 
generally optimised for the extraction of bacterial genomes; however the ova shell is much 
tougher than the cell walls of bacteria resulting in a lower DNA yield which affects the 
sensitivity of subsequent molecular assays. Hence, a simple colorimetry-based assay using 
the surface property of Ascaris ova for in-situ biosynthesis of gold nanoparticles via 
reduction of tetrachloroauric acid was developed as an alternative to molecular techniques. 
Visualisation of a colour change from light yellow to ruby red indicated the synthesis of gold 
nanoparticles on the surface of Ascaris ova; however no such colour change was observed in 
Trichuris ova. Scanning electron microscopy (SEM) revealed the outer surface of A, suum 
ova covered with nanoparticles while elemental analysis using energy dispersive X-ray 
spectroscopy (EDX) confirmed that the presence of 91 w/w % gold in the ova surface.  
Although preliminary experiments were successful in terms of differentiating helminth ova, 
further validations with wastewater samples are required. The aforementioned studies to 
quantitatively detect Ascaris ova in wastewater represent significant innovations. Although 
all methods require further assessment, the research carried out in this thesis has led to 
significant findings in the diagnostic capabilities for STH, especially Ascaris ova, the 
neglected pathogen. Consequently, this thesis will support the water companies in Australia 
via accurate detection and screening of Ascaris in wastewater matrices thus allowing safe 
reuse of wastewater.  
Keywords 
Environmental health hazards, public health risks, wastewater, sludge, agriculture, soil-
transmitted helminths, Ascaris, Trichuris, ova, recovery, enumeration, quantitative detection, 
culture-based, PMA-qPCR, BacLight Live/Dead staining, RPA-LF, point-of-care 
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Preface 
This thesis is structured in 8 chapters. Chapter 1 consists of the introduction and literature 
review followed by the aims and objectives and the general methods in Chapters 2 and 3 
respectively. The main body of the thesis comprises the publications presented as Chapters 4 
to 7 along with a general discussion and conclusion in Chapter 8. 
Chapter 4 consists of a method that has been modified from the standard United States 
Environmental Protection Agency recommended Tulane method to recover helminth ova 
from wastewater and sludge. 
Chapter 5 reports on the comparison of conventional and molecular methods to determine 
the viability of helminth ova. 
Chapter 6 reports on the development of an isothermal amplification assay that can be a 
potential method for onsite detection of Ascaris ova.  
Chapter 7 reports on the development of a colorimetric assay using in-situ biosynthesis of 
gold nanoparticles for the differentiation of STH ova genera 
Chapter 8 links all the chapters and denotes the progression and significance of the research 
through out the candidature. Furthermore, conclusions and future perspectives are highlighted 
at the end of this chapter. 
  
 
 
 
 
 
 
 
5 
 
 
 
 
 
 
 
 
Chapter 1 
Literature review 
 
 
 
 
 
 
 
 
 
 
6 
 
                                   
Review 
A Review on the Current Knowledge and Prospects for 
the Development of Improved Detection Methods for 
Soil-Transmitted Helminth Ova for the Safe Reuse of 
Wastewater and Mitigation of Public Health Risks 
Vivek B. Ravindran *, Sarvesh K. Soni and Andrew S. Ball 
Centre for Environmental Sustainability and Remediation, School of Science, RMIT University, Bundoora West, 
Victoria 3083, Australia; sarvesh.soni@rmit.edu.au (S.K.S.), andy.ball@rmit.edu.au (A.S.B.) 
* Correspondence: vivek.balakrishnanravindran@rmit.edu.au 
Received: 20 May 2019; Accepted: 5 June 2019; Published: date 
Abstract: Climate change, increase in population and scarcity of freshwater have led to a global 
demand for wastewater reuse in irrigation. However, wastewater has to be treated in order to 
minimize the presence of pathogens, in particular, the ova of soil-transmitted helminthes (STHs). 
Limiting the transmission via removal of STH ova, accurate assessment of risks and minimizing the 
exposure to the public have been recommended by health regulators. The World Health 
Organization (WHO) guideline specifies a limit of ≤1 ova/L for safe wastewater reuse. Additionally, 
the Australian Guidelines for Water recycling (AGWR) recommend a hydraulic retention time of 
over 25 days in a lagoon or stabilization pond to ensure a 4 log reduction value of helminth ova and 
to mitigate soil-transmitted helminths associated risks to humans. However, the lack of fast and 
sensitive methods for assessing the concentration of STH ova in wastewater poses a considerable 
challenge for an accurate risk assessment. Consequently, it has been difficult to control soil-
transmitted helminthiasis despite effective mass drug administration. This limitation can be 
overcome with the advent of novel techniques for the detection of helminth ova. Therefore, this 
review presents an assessment of the current methods to detect the viable ova of soil-transmitted 
helminths in wastewater. Furthermore, the review focuses on the perspectives for the emerging 
state-of-the-art research and developments that have the potential to replace currently available 
conventional and polymerase chain reaction based methods and achieve the guidelines of the WHO 
in order to allow the safe reuse of wastewater for non-potable applications, thereby minimizing 
public health risks. 
Keywords: wastewater reuse; soil-transmitted helminths; ova; guidelines; detection; state-of-the-art 
techniques 
 
1. Introduction 
Freshwater resources are under pressure through climate change and increasing population [1]. 
As a result, stakeholders, government regulatory bodies, water industries and researchers have 
formulated strategies to utilize recycled water from wastewater as an alternative to potable water in 
agriculture [2]. A major consideration in the reuse of wastewater is the possible risks to humans that 
are associated with the presence of pathogens [3,4]. Therefore, it is essential to treat wastewater in 
order to minimize the pathogen concentration to a safe level. The reduction of pathogens in the 
wastewater treatment plants in Australia is mostly achieved by lagoon detention and disinfection 
primarily with chlorine and ultraviolet radiation [5]. Although the pathogens such as bacteria, viruses 
7 
 
and protozoans are susceptible to such treatment processes, helminth ova are multilayered and 
possess a thick shell that confers resistance to disinfection with chlorine and UV [6]. Due to a low 
minimal infective dose, resistance to treatment processes and prolonged survival in the environment, 
the World Health Organization (WHO) has categorized helminths as being high risk compared to 
other microbial pathogens [7]. Furthermore, wastewater may contain up to 3000 helminth ova/L in 
endemic areas. Consequently, the WHO guidelines recommend ≤1 ova/L for treated wastewater and 
≤1 ova/g for sludge in order to mitigate human associated helminthiasis [8]. 
However, in countries where sanitation system is of better standards (e.g., Australia), helminth 
ova are rarely detected in untreated wastewater [9]. As such, the concentration of helminth ova in 
Australia is ≤1 ova/L in raw wastewater even without any additional treatment, thereby adhering to 
the WHO guidelines [5]. However, increased migration from endemic countries and increased rates 
of travel to less developed nations might allow an increase in helminths associated diseases [9]. 
Therefore, helminth ova removal from wastewater is essential for the safe use of sludge or treated 
wastewater for irrigation in the developed countries. Nevertheless, the lack of a robust and uniform 
method poses a challenge for the comparative assessments of the concentration of helminth ova in 
wastewater [10]. Aimed at contributing to develop a uniform method for rapid detection of STH ova, 
one of the goals of this review was to assess the currently available methodologies emphasizing their 
advantages and disadvantages and discussing the perspectives for the development and utilization of 
radically innovative state-of-the-art techniques. In order to achieve the aforementioned goals, the 
steps required for recovering helminth ova from wastewater have also been considered. 
2. Soil-Transmitted Helminths: Prevalence and Health Risks to Humans 
Soil-transmitted helminths (STHs) cause infection to humans via contact with ova or larvae that 
survive in tropical and subtropical regions such as sub-Saharan Africa, Latin America, China and 
South East Asia [11,12]. Globally, over 1.5 billion people are afflicted with STHs, especially Ascaris 
lumbricoides, Trichuris trichiura and hookworms (Necator americanus and Ancylostoma duodenale) 
[9,10,13,14]. Most of the STH infections are insidious for those who live in impoverished conditions. 
With a low infective dose combined with the enormous output of ova per worm, helminths are 
considered as pathogens that can significantly impact an individual’s health and well-being (Table1; 
[15,16]). 
The infections caused by STH rarely causes mortality with diarrhea, abdominal pain and low 
hemoglobin levels as the immediate outcome. However, patients with chronic infections show 
reduced cognitive abilities, intellectual growth retardation and poor maternal birth outcomes [17,18]. 
According to the WHO, 870 million children live in the area of high prevalence [19]. Despite concerns 
regarding their impacts on public health, STHs are generally considered to be neglected tropical 
parasites [20,21]. 
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Table 1. Daily ova output, characteristics of ova and infective stage of major STHs. 
STHs 
Daily Ova 
Output per 
Worm 
Ova Size and Shape Shell of Ova 
Infective 
Stage 
Ascaris 200,000 
40 × 60 µm 
Golden brown colour for 
mammilated ova and clear 
for decorticated ova 
Oval shaped or slightly 
rounded 
Smooth shell 
Has two layers, one 
thicker outer shell and 
one thinner inner shell 
Viable eggs have a 
defined space between 
inner and outer shells 
Viable ova 
Trichuris 3000–5000 
50 × 25 µm 
Lemon shaped with curved 
sides and rounded mucoid 
plugs 
Smooth shell 
No space between inner 
and outer shell 
Mucoid plugs and shell 
are symmetric 
Viable ova 
Hookworm 9000–15,000 
65 × 40 µm  
Oval shaped 
Smooth shell 
Outer shell appears as 
single, thin, black line 
Inner ovum is clearly 
segmented 
Filariform 
larvae 
The utilization of untreated wastewater for irrigation purpose is one of the main reasons for 
increased STH in less developed countries either via direct or indirect exposure [22,23]. In developing 
countries, it is estimated that raw wastewater is used to irrigate 2.0 × 107 ha of agricultural lands 
[24,25]. 
Individuals belonging to the directly exposed group to wastewater and sludge have a 40% 
greater risk of contracting STH infections than indirectly exposed individuals [1] (Figure 1). Infected 
individuals release helminth ova into wastewater that can potentially contaminate soil, plant and 
surface water, where helminth ova can survive up to several years [1]. Exposure to wastewater and 
sludge contaminated with viable STH ova can lead to potential public health risk [23,26]. This risk is 
based on the concentration of ova that remain viable in the environmental matrices, the infective 
dose, route of exposure and the susceptibility level of the exposed person [4]. The presence of ova and 
its concentration in wastewater relies on the incidence of infections within the surrounding 
communities [27]. 
 
Figure 1. Risks to humans associated with usage of treated wastewater and sludge. 
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Although several STHs occur in wastewater, Ascaris species contribute 84% of the overall 
helminth ova genera distribution in wastewater followed by Trichuris, Toxocara and the cestode Taenia 
(Figure 2; [3]). Furthermore, A. lumbricoides and A. suum exhibit greater resistance to extreme 
conditions and treatment, such as heat, oxidants, detergents, pH and proteases [28]. Maya et al. 
assessed the rate of inactivation for the ova of A. lumbricoides, A. suum, Toxocara canis and T. trichiura 
following treatment at 80 °C for one hour at a pH of 12.1 and revealed that <25% of these STHs were 
inactivated [29]. For these reasons and their tendency to settle in sludge, Ascaris is considered a 
reference pathogen for helminths in evaluating the efficiency of the wastewater treatment processes 
[6,30]. 
 
Figure 2. Distribution of helminth ova genera in wastewater from developing countries (Adapted 
from: [22]. 
The high resistance of Ascaris ova to treatment processes can be due to their thick shell (Figure 3) 
[31,32]. 
 
Figure 3. Photomicrographs of STH ova under 500× magnification (Scale = 50 µm): (A) Ascaris 
lumbricoides ova after 7 days of embryonation, (B) Trichuris suis, (C) Necator americanus, (D) 
Ancylostoma duodenale. 
3. Mitigation of Public Health Risk 
The concentration of STH ova in untreated wastewater (1 L) and sludge (4 g dry weight) can be 
as high as 103–104 based on the infection rates within the community (Table 2). Wastewater treatment 
processes minimizes helminth associated risks to humans following wastewater and sludge reuse [7]. 
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Table 2. Helminth ova concentration in wastewater matrices in various countries. 
Country 
Untreated Wastewater 
(ova/L) * 
Treated Wastewater 
(ova/L) * 
Sludge 
(ova/g) * 
Reference 
India 72A, 15H, 4T 60A,9H,2T NR [33] 
Iran 12A, 3Ta, 2H 1A NR  
Burkina 
Faso 
10A, 4H, 1T 1A 
1327A, 442H, 
11T 
[34] 
Mexico 330NS NR 177NS [4] 
Pakistan 175A, 26T 4A NR [35] 
Morocco 23NS NR NR [36] 
Tunisia 960A, 208Ta 240A, 52Ta NR [37] 
France NR NR 5NS [38] 
Oman 517A, 33H, 18Ta 45A, 18Ta NR [39] 
Australia NR 41NS NR [1] 
USA 8NS NR 13NS [4] 
A—Ascaris lumbricoides, H—hookworm, T—Trichuris trichiura, Ta—Taenia species, NR—Not reported, 
NS—Not specified, * denotes average ova concentration. 
Filtration methods such as microfiltration and ultrafiltration are effective against helminth adults 
and larva however they are expensive and may not completely remove helminth ova [28]. Different 
treatment processes such as aerobic/anaerobic digestion, lime stabilization and heat treatment have 
been utilized to inactivate helminth ova in sludge [40,41]. 
In Australia, the most common treatment process for the removal of helminth ova is lagoon 
detention and this process is followed primarily by disinfecting with chlorine and UV, although 
helminth ova are resistant to such disinfection methods. As a result, the AGWR recommend a lagoon 
hydraulic retention time (HRT) of over 25 days to ensure a 4 log reduction for the safe release of 
recycled water for non-potable purpose [42]. Despite lagoons effectively (90%–99%) remove helminth 
ova from wastewater, the helminth ova tend to settle into the sludge and can remain viable [7]. In 
addition to adequate wastewater treatment processes for the health risk management, it is also 
essential to monitor the concentration of helminth ova in wastewater [6,30]. At present, there is no 
uniform method that can effectively recover helminth ova from wastewater matrices and provide 
accurate enumeration and quantitative detection of helminth ova. 
4. Recovery Methods for STH Ova 
The detection, enumeration and quantification of STH ova in wastewater and sewage sludge 
poses major challenges such as the need for methods that are sensitive to allow accurate estimation of 
STH ova whilst also being cost-effective, allowing their use in low resource setting areas where the 
prevalence of STH ova is higher [10]. The current methodological steps involve 1) wastewater/sludge 
sampling, 2) recovery and concentration of ova from the sample matrix, 3) identification and 
quantification of recovered STH ova and 4) evaluating STH ova viability. 
4.1. Sampling of Wastewater/Sludge 
Current methods available to detect helminth ova in wastewater are based on WHO guidelines 
which recommend a sample volume of 1 L [43,44]. However, several studies have utilized sample 
volume of 10 L to a maximum of 200 L for the recovery of ova [45,46]. The presence of suspended 
solids and turbidity in the sample may lead to lower ova recovery rate [47] as ova might be clogged or 
retained within the suspended solid particles during the flotation or membrane filtration method 
used for ova recovery [48]. The high concentration of helminth ova in wastewater can be due to the 
attachment and concentration of ova within the suspended solids and accumulation of ova in the 
sludge during wastewater treatment [49]. Due to the large size of ova compared to bacteria and 
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viruses, the ova settle into sludge readily during primary treatment [5,50]. The amount of sludge 
sample is based on the dry weights, which range between 2 g and 5 g [29,51,52]. 
4.2. Ova Separation from Solid Matrix 
Ova separation from organic compounds and polysaccharides in sewage sludge are of major 
concern [53]. A high concentration readily traps the ova which become refractory to subsequent 
purification steps such as sedimentation and floatation, resulting in lower recovery [6]. During the 
dewatering of sludge, coagulants may be added in order to produce more cohesive granules that 
enhance the total solid concentration in the sludge. The presence of high concentration of coagulants 
may interfere with ova recovery [54]. The removal of contaminants is essential for the proper isolation 
of ova. 
Washing the samples with surfactants is highly desirable for the removal of ova from sludge 
[55]. The most common detergents used for the release of ova from the solid matrix are Tween 80, 
Triton X-100, 7X® and ammonium bicarbonate [47]. These surfactants dissociate the bonds that form 
between the outer surface of STH ova and organic compounds within the sample, thus releasing the 
ova [56]. However it is vital to use these surfactants at low concentrations, as it can damage the 
membrane integrity of the ova [57]. 
Ascaris ova immersed in detergents, in particular sodium lauryl sulfate and sodium 
dodecylbenzene sulfonate at 38 °C for 36 h has been reported to damage the membrane integrity of 
ova. One study denoted that the recovery of Taenia saginata ova that were seeded in samples from 
lagoons yielded a very low recovery rate with 0.8% (w/v) cetylpyridinium chloride (1.7%), SDS (6.4%) 
and Nonidet®P40 (4.4%) respectively [58]. 
The choice of the detergent in addition to the concentration is also considered a determining 
factor for the recovery of STH ova. Although there is no data to compare and determine the best 
detergent for the release of ova from wastewater matrices, a higher rate of STH ova recovery was 
observed when the water soluble anionic detergent 7X® was used compared to the recovery rate with 
Triton X and Tween 80 [49,54]. Moreover, 7X does not undergo precipitation, following reactions with 
flotation solutions [13]. 
4.3. Filtration 
Following the dissociation of ova from larger particles in the sample, it is important to separate 
the ova from such particles. Sieves are used for retaining the larger particles whilst allowing the 
desired ova through the filter [59]. The choice of pore size impacts the filtration process. To allow 
STHs ova having dimensions between 25 µm and 150 µm to pass via pores with the size ranging from 
40 µm to 125 µm are chosen. In order to retain the ova of interest on sieves, pore sizes of 20 µm or 
even as low as 8 µm are used [60]. For STH ova, sieves ranging from 32 to 36 µm are chosen [38]. 
Filtration or sieving improves the efficiency during microscopy stage as it reduces the particulate 
matter that interferes with the enumeration of ova on the slides [47]. However, this treatment may 
also lead to reduced ova recovery via the trapping of particle clumped ova. Therefore it is important 
to carefully match the pore size for the desired ova since meshes that are smaller to retain Ascaris ova 
might allow the ova of Trichuris to pass if their orientation is on the long axis [10]. 
4.4. Sedimentation 
Separation of ova in the filtrate is via sedimentation using the centrifuge [6]. However to date, 
there is no way to determine the best centrifugal speed for ova recovery [46]. Sedimentation by 
passive methods varies from 1 h to allowing it to settle overnight [61]. However, passive 
sedimentation may be influenced by sample volume and type, viscosity, the container used for 
sedimentation and the time required. Also, the presence of high solids in the sample may impact 
sedimentation eventually with adequate loss of ova [44]. 
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Inadequate settling time can lead to more loss in ova, whereby overnight settlement of ova using 
methods such as the United States Environmental Protection Authority (US EPA) recommended 
Tulane method would be advantageous [62]. Studies conducted by Zdybel et al. to detect the viability 
of Ascaris, Trichuris and Toxocara ova in sludge from several wastewater treatment plants included 
centrifugation with a relative centrifugal force (RCF) of 2500 g following sedimentation and sieving 
[63]. 
4.5. Flotation 
The flotation step is achieved by maintaining a gradient that allows ova to float while settling 
down the heavier particles that can be discarded [64]. 
For ova recovery, the flotation solutions must be heavier than the ova’s specific gravity [65]. 
Most STH ova have a specific gravity between 1.05 and 1.23 [30]. The commonly used flotation 
solutions are listed in Table 3. The flotation solution is based on sample processing and allowing the 
STH ova to be recovered. Saline solutions, particularly sodium chloride, precipitate when detergents 
are present, whereas sucrose requires longer periods of centrifugation owing to its viscosity and 
specific gravity of 1.30. However sucrose is used for recovering STH ova such as Taenia species that 
possess greater specific gravity. Prolonged contact of ova with the flotation solution should be 
avoided as the salts may distort the embryonic development of the ova [57]. Maya et al. assessed the 
use of zinc sulfide (specific gravity 1.20) for recovering viable Taenia ova. The results indicated that 
the flotation solutions with specific gravity (1.20) were not effective for recovering some STH ova, and 
hence could lead to discrepancies in the concentration of ova within the sample. To ensure recovery 
of heavier ova, flotation solutions prepared with a specific gravity of 1.30 was highly recommended 
[29]. 
Table 3. STHs recovery using different flotation solutions (S.G—specific gravity). 
Sample Flotation (S.G) 
 
References 
Wastewater/Sludge NaCl (1.18) 
 
[66]  
Wastewater/Sludge NaCl (1.27) 
 
[44] 
Wastewater/Sludge ZnSO4 (1.18) 
 
[67] 
Wastewater/Sludge ZnSO4 (1.20) 
 
[29] 
Wastewater/Sludge MgSO4 (1.20) 
 
[9,47] 
Wastewater/Sludge MgSO4 (1.29) 
 
[52] 
Wastewater/Sludge NaNO3 (1,39) 
 
[68] 
Wastewater/Sludge NaCl (1.19) 
 
[57] 
For the US EPA recommended Tulane method, a magnesium sulfate solution that possesses a 
specific gravity of 1.20 was considered to be the optimum density for the recovery of Ascaris ova 
[9,47]. Selection of the optimum flotation solution is essential for better ova recovery [64]. During the 
flotation step, the ova floats rapidly to the surface of the solution. Passive flotation can be utilized in 
resource-limited settings as the requirement of a centrifuge is not needed [13]. The duration of 
centrifugation during the flotation step depends on the composition of sample matrix as it may 
interfere with the efficiency of flotation [69]. However, for effective STH ova recovery, 800 g for 3–5 
min was considered optimum for the Tulane method. In addition, few methods are based on the 
adherence of ova to a coverslip which in turn reduces the processing time, however the impact on the 
efficiency in ova recovery is not known. Hence optimization of the operating conditions is necessary 
for higher ova recovery [54]. 
4.6. Phase Extraction 
This step removes lipid and ether soluble contaminants from STHs ova. The hydrophilic and 
lipophilic reagents used in this step separate the sample into light and heavy phases, thus 
concentrating the ova at the bottom [30]. Ethyl acetate and diethyl ether are widely used for the 
lipophilic phase, while ethanol serves as the reagent for the hydrophilic phase. Despite the removal of 
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the major contaminants such as proteins and lipids, the reagents exert toxic effects that can result in a 
95% loss of ova viability. Various studies have reported the harmful effects of such reagents on ova 
integrity and viability [70]. Satchwell utilized formaldehyde and diethyl ether and obtained 40% 
removal of contaminants from the sample containing ova of Taenia sp., Ascaris sp., and Trichuris sp. 
Despite reduction in impurities, a loss of up to 95% in the viability of the ova was observed during 
extraction, which was due to the toxic effects of the reagent [70]. Owing to such detrimental effects, it 
has been suggested to use sieving as an alternative for removing protein, lipids and other 
contaminant molecules [6]. Nelson and Darby recommended an exposure of 2 min with acetone and 
diethyl ether for the extraction step. However an exposure of more than 10 min was detrimental [51]. 
4.7. Factors Influencing Ova Recovery 
Sequential flotation steps were stated to recover extra 10%–20% of spiked ova trapped between 
matrix particles [64,71]. Texture and the organic content of wastewater and sludge can impact the 
efficiency of ova recovery [30]. The loss of ova may also be due to its adherence to the walls of the 
test-tubes, pipettes and beakers. Consequently, several methods specify the use of organosilane to 
treat the labware and glassware so that the adhesiveness is minimized [47]. However, it has also been 
mentioned that the utilization of organosilane in glass and plastic materials reduced the recovery 
yields. As such, it has been recommended that non-coated pipettes and Falcon test-tubes be utilized 
instead (Table 4) [72]. 
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Table 4. Helminth ova recovery method with flotation methods, tubes, pipettes and detergents 
(Adapted from reference [72]). 
Method 
Total 
Replicates 
Average Numbers of Ova 
Recovered in 90 µL (Standard 
Deviation) 
Average Ova 
Recovery (%)  
Flotation method    
Modified McMaster 5  650 (90) 65  
FLOTAC technique 5   434 (83.0) 43 
Tubes and pipettes    
Non-coated Falcon 
tubes/glass pipettes 
5  586 (168) 58 
NC Falcon tubes//C glass 
pipettes 
5  571 (171) 57 
Coated Falcon tubes/ glass 
pipettes 
3  335 (120.0) 33 
Coated Falcon tubes/non-
coated plastic pipettes 
3  374 (163) 37 
Coated falcon tubes/ 
Non-coated glass pipettes 
5  356 (188) 35 
Detergent    
Deionized water 5  742 (56) 74 
7X® 1% 5  897 (228) 89 
Tween 80 (0.1%) 5  587 (180) 58 
Benzenethonium chloride 
0.1% 
5  870 (129) 87 
Cetylpyridinium chloride 
0.1% 
5  844 (178) 84 
One of the methods to recover STH ova involves adhesion using a coverslip. Here a meniscus 
was created by filling the test tube with the flotation solution. A coverslip was later placed on the 
brim of the tube and the ova may adhere to it following centrifugal flotation, which may then be 
enumerated [73]. Few methods specify preprocessing of samples by sieving before performing the 
ova recovery steps so that the larger particles are removed from wastewater. In order to minimize the 
excessive loss of ova from the discarded sample, it is essential to homogenize and dissociate the ova 
from the sample matrix [74]. 
Additionally, the flotation solutions such as zinc sulfate and magnesium sulfate may be toxic and 
inactivate the embryonated ova during the recovery step [47]. Furthermore, ova that are incubated in 
formalin (1%) revealed slow development when compared with ova incubated in water or 0.1 N 
sulfuric acid [51]. Also the conditions for storage are crucial to maintaining ova viability. The ova of 
Ascaris and Trichuris species are thick shelled, which makes it easy to be stored at 4 °C for several 
weeks without causing any damage to viability. Hookworm ova should be recovered from fresh fecal 
samples as the ova do not embryonate if fecal samples are kept at 4 ⁰C before egg recovery [74,75]. 
Variation in the physicochemical properties of STH ova may require optimization of recovery 
methods that are specific for each species. 
5. Detection Methods for Helminth Ova 
For accurate risk assessment of STH ova as per the national and international guidelines and 
regulations, it is significant to determine the viable helminth ova in a sample, as only the viable ova 
are infective [6]. The public health risks that are associated with wastewater and sludge reuse are 
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measured by estimating the concentration of STH ova [1]. The methods currently used to enumerate 
and quantify STH ova are i) optical microscopy, ii) PCR-based techniques and iii) flow cytometry. 
This is a crucial step as the ova recovery and enumeration are considered as evaluation criteria to 
determine whether the treated wastewater and sludge are suitable for agriculture. 
5.1. Optical Microscopy 
Optical microscopy is still considered as the gold standard to enumerate and identify helminth 
ova during risk assessments. It involves culturing the helminth ova for up to 4 weeks followed by 
enumeration by optical microscopy (Figure 4) [10]. However it requires a visual sharpness owing to 
the presence of interferents such as pollen that could lead to false positive results. As such, removing 
the debris present in wastewater is crucial for accurate visualization and enumeration of the 
recovered helminth ova [30]. One of the studies conducted to assess the inactivation efficiency of 
thermal treatment in sludge indicated the risk of false positives owing to contaminants in the 
wastewater sample [76]. A major limitation of this method is the need for a skilled personnel for 
accurate identification of the STH ova [26]. Additionally, the enumeration of ova is dependent on the 
precision and accuracy of the ova recovery method. Also the unembryonated ova and the ova that 
have developed into the larval stage have to be enumerated in the case of Ascaris ova [29]. Rocha et al. 
indicated that the different developmental stages of ova could interfere with viability determination 
[6]. Furthermore, treatment processes aimed at the inactivation of helminth ova can also impact the 
assessment of viability. Consequently, while enumeration of ova by optical microscopy, it is 
important that the larvae inside the ova present motility when stimulated by light [30]. The main 
drawback of this approach is being laborious and time-consuming [77]. 
  
Figure 4. Various methods to enumerate, quantify and identify helminth ova (adapted from reference 
[1]). 
Another microscopy-based method to determine viability is to differentiate live and dead 
helminth ova using stains or dyes. Here, vital stains such as Lugol’s iodine, safranin O, trypan blue 
and eosin Y are used to stain and enumerate the ova under a microscope [30,78]. Despite the staining 
procedure being rapid and cost-effective, some vital dyes might disrupt the viable ova [26]. Another 
major disadvantage of the vital stain method is the significant (25%) loss of ova during visualization, 
which might be due to error during enumeration under a microscope [1]. To ease the individual error 
and over estimation of the viability of the vital stain method, the BacLight Live/Dead staining method 
has been utilized. 
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The BacLight Live/Dead bacterial viability kit was first developed to enumerate bacteria, 
however it is now being used to differentiate live and dead STH ova [79]. The principle depends on 
determining the difference in the structural integrity between live and dead ova [78]. Two DNA 
labeling dyes, in particular, Syto 9 and propidium iodide (PI) that possess the ability to penetrate the 
permeable membrane were used to differentiate Ascaris sp, Trichuris sp and Toxocara ova with 
increased efficiency, where Syto 9 stained the inner membrane of the viable ova while PI stained the 
inner parts of the non-viable ova (Figure 5). This study also revealed 58% viable, 38% non-viable and 
3.7% partly stained STHs ova in sewage sludge samples [79]. However Karkashan et al. reported a 
maximum of 85% viability for A. suum using this staining method. This study also confirmed that 
staining with the BacLight Live/Dead viability kit was the only method that does not cause damage to 
the viability of ova [26]. This method can also determine the viability of STH ova directly from 
samples. Nevertheless, this method requires skilled personnel to differentiate helminth ova with 
similar morphology. For instance, hookworm and Ascaris ova of different species are morphologically 
identical and cannot be differentiated with microscopic observation [80]. Therefore, results obtained 
from the vital stain method may be inaccurate and cannot be reliable in measuring health risks. 
 
Figure 5. Confocal microscopy images of Ascaris suum ova stained with Syto 9 (green) and propidium 
Iodide (red) to determine the viability of ova: (A) Viable ova, (B) non-viable ova, (C) Both viable 
(green) and non-viable (red) ova. 
5.2. PCR-Based 
The inefficiency of nucleic acid (DNA/RNA) extraction methods to yield DNA with adequate 
quantity and purity can impact on sensitivity while detecting STH ova using molecular methods [81]. 
The tough ova shell of STHs such as Ascaris and Trichuris species is considered the main hindrance 
factor [82]. Various commercial kits have been optimized for the bacterial genomic extraction that 
have less tough cell walls compared to the STHs ova [83]. However for STH ova, it is essential to 
include proteinase enzyme which can lyse the outer protein coat of the ova shell in addition to 
sonication and beads [84]. 
Advancement in molecular technologies, particularly PCR-based techniques have been 
considered as potential tools for the quantification of STHs ova with precision and accuracy (Table 4) 
[29,41,85]. Though various PCR based methods [80,86–88] have emerged, their utilization for the 
identification of STHs ova in wastewater and sludge has been limited, despite its widespread use in 
clinical diagnostics [89]. 
One of the studies conducted by Raynal et al. revealed that ITS-1 signal reduced considerably in 
embryonated ova after 10 days following inactivation however signals persisted in viable ova [82]. 
The DNA that persists in the inactivated ova can be removed by treating with proteinase K and 
DNAase before performing RNA extraction. Further it has been demonstrated that reverse 
transcriptase (RT)-PCR for the mRNA of ITS1 revealed the presence of only viable ova, yet it was not 
sensitive enough to be considered as quantitative [6,90]. Utilization of other DNA binding dyes such 
as ethidium monoazide to inhibit the amplification of DNA in non-viable ova and quantitative RT-
PCR in order to evaluate the expression of heat shock protein are considered as alternative 
approaches. However no reports on their use for assessing the viability of STH ova could be found. 
Also, molecular methods have a problem quantifying STH ova based on the copy number of genes, 
since the stage of ova development may vary [78]. 
A C B 
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As viable ova are prone to cause infection in humans, it is crucial to determine the fraction of 
viable ova in order to assess public health risks [79]. Propidium monoazide (PMA) is a DNA binding 
dye that has the potential to hinder PCR amplification of a non-viable ova resulting in the selective 
screening of viable ova present in wastewater matrices. However the major disadvantage is the 
dependency on the cell membrane integrity of viable and non-viable ova similar to vital stain method 
[41]. Since permeability of the inactivated ova takes 12 h, the photo-activation of PMA may not be 
accurately achieved [1]. However, PMA-qPCR can be used to implement health guidelines because 
the gene copy detected by PMA-qPCR can be considered as a viable ovum and thereby a potential 
health risk. Recent developments such as the utilization of PMAxx [91] and PEMAX [92] as an 
alternative to the original PMA are much effective in distinguishing viable and non-viable cells. 
5.3. Flow Cytometry 
Flow cytometry has the ability to measure and analyze various physical properties of a single 
cell, especially the ova/cysts when they pass via a light beam [93]. The differentiation of cells is based 
on the relative size, granularity and the intensity of fluorescence [94]. This approach was used to 
quantitatively detect the viable oocysts of Cryptosporidium parvum in water [95]. Recently, flow 
cytometry has been combined with real-time PCR and fluorescent biosensors to achieve more 
accurate results. Nevertheless, one of the studies comparing microscopic observation, flow cytometry 
and direct immunofluorescence for the screening of fecal samples for the presence of protozoan cysts 
revealed that flow cytometry did not show expected sensitivity than direct immunofluorescence 
despite being a rapid technique [96]. Furthermore, the main limitation of utilizing flow cytometry for 
the detection of helminth ova is the particle size limit ranging from 3 µm to 20 µm as helminth ova 
have a larger size range (Table 5). However, its use can be enhanced by developing the cassette that 
will be able to count larger particles up to 100 µm [95]. Also, the complex matrix of wastewater and 
sludge has to be taken into account as the interfering particulates will be challenging to remove in 
order for the sample to be analyzed using FACS (fluorescence activated cell sorter) without the 
possibility of clogging the machine. Consequently, with the development of enhanced ova recovery 
methods and the use of a large cassette, there might be a possibility of utilizing flow cytometry for the 
detection of STH ova. However, flow cytometry has not been utilized to detect STH ova to date [30]. 
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Table 5. Advantages and drawbacks of currently available methods to enumerate and quantify 
helminth ova. 
Methods  Advantages Limitations  References 
Optical 
microscopy 
 
 
Viability possible 
Cost-effective 
Require less lab space 
Stains can differentiate 
viable and non-viable ova 
 
Time-consuming 
Less sensitivity and specificity 
Possible false positive results in the 
determination of viability using stain-
based methods 
Species differentiation is not possible 
 
 
 
 
 
 
 
[47,61,96] 
PCR-based  
Fast, specific and sensitive 
Multiplex PCR is possible 
Quantitative detection 
(qPCR) of target pathogen is 
rapid  
Not possible to distinguish viable and 
dead ova 
need for well-equipped laboratory 
Multiple primers required 
Requirement of skilled personnel 
 
 
 
 
 
[79,96,90] 
Flow 
cytometry 
 
 
Accurate and reliable 
Differentiate cells based on 
complexity 
Particle size detection limit ranging 
between 3 µm and 20 µm 
Expensive and require skilled 
personnel 
 
 
 
[92,94] 
6. Implementation of Innovative Techniques 
Thus far, the focus has been on the currently available methods to recover and l.etect STH ova  
present in wastewater. However the conventional and molecular methods currently available have 
several limitations. According to the WHO, an ideal detection technique should follow the criteria of 
‘ASSURED’. Despite the term ASSURED being used for detection tests in resource-limited settings, 
the criteria are generic and should be adapted for all detection tests. However the tests cannot be 
simplified to fit the criteria [97]. Consequently, this review will now provide insights on radically 
innovative techniques that could potentially be implemented for detecting STH ova in wastewater. 
6.1. Digital PCR 
Digital droplet PCR (ddPCR) provides absolute quantification of desired genes and thus can 
utilized in the quantitative detection of pathogens [86]. The technique utilizes microwells that can 
split the samples into several partitions in nanoliter [98]. The ddPCR relies on endpoint PCR and does 
not need any standard such as qPCR to determine the quantification [99]. Furthermore, it is a high 
throughput assay with 15,000 to 20,000 PCR reactions per well [30]. There are robots for setting up the 
plate and creating droplets which are more applicable for high throughput. By generating droplets, it 
also dilutes inhibitors much more effectively than conventional and real time PCR. One of the studies 
conducted to detect zoonotic pathogens in water samples from poultry found that ddPCR was 
effective than qPCR and culture-based methods [100]. Acosta et al. reported that dPCR can detect ≥ 
one A. lumbricoides ova present in 500 mL of reclaimed water. Droplet digital PCR has been utilized 
for the detection and absolute quantification of major gastrointestinal nematodes such as Haemonchus, 
Teladorsagia and Trichostrongylus in sheep [101]. Nevertheless, extensive validation for sensitivity and 
accuracy in the detection of STH ova in wastewater is required. 
6.2. Aptamers 
Aptamers are either single stranded RNA or DNA molecules which undergo changes in their 
conformation and fold into tertiary structures for binding the surface receptors of the target [102] 
(Figure 6). They exhibit high affinity and high specificity towards their targets and have the ability to 
differentiate proteins that are homologous and possess changes only in a few amino acids [103]. They 
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have been utilized as a new tool in the diagnosis and drug delivery owing to their molecular 
properties, high stability, ease and control of their synthesis [104]. Over the past two decades, 
aptamers have been developed for various targets such as metal ions, whole cells, tissues, viruses and 
bacteria. Long et al. (2016) [105] employed an ova based egg-SELEX and identified ssDNA aptamers 
that specifically recognize and bind to Schistosoma japonicum ova. They have been successful in 
targeting human blood fluke (Schistosoma japonicum) ova trapped in liver tissues [106]. Hence the 
synthesis and utilization of aptamers can be effective in the detection of parasites. 
 
Figure 6. Schematic representation of the Systematic Evolution of Ligands by Exponential enrichment 
(egg-SELEX) technique to synthesize aptamers for the desired target (Adapted from reference [103]). 
6.3. Gold Nanoparticle-Based Colorimetric Biosensors 
The utilization of gold nanoparticles (AuNPs) for colorimetric analysis is based on the 
interparticle distance-dependent localized surface plasmon resonance (LSPR) property [107]. The size 
of the AuNP determines the controlled aggregation of the particles, thereby resulting in a change of 
color. This technique has been used in the analyses of specific gene sequences. It is expected that the 
change in color during the aggregation of nanoparticles offer the basis for colorimetric detection using 
AuNPs in addition to providing differentiations in the surface enhancement abilities of Raman 
scattering [108]. 
The assays based on NP are currently being used to measure changes in the activity of enzymes 
with precision and accuracy. Gold nanoparticle-based colorimetric sensors have been utilized for the 
detection of enzymes, amino-acids and pathogenic bacteria [109,110]. This technique can be applied to 
detect and differentiate STHs ova based on the difference in their surface moieties [96]. Furthermore, 
the challenges such as turbidity encountered in wastewater and sludge samples can lead to non-
specific aggregation of AuNPs, thus triggering false positive results. Therefore nanoparticles can be 
used in the development of biosensors and be incorporated into smart phones or portable devices for 
mobile sensing, however needs further innovation and validation. 
6.4. Surface Enhanced Raman Scattering (SERS) 
The detection of chemical transformations that occur during in-situ biosynthesis of metal 
nanoparticles are quite challenging as it occurs at the interfaces [111–113]. SERS is a surface-selective, 
accurate and a spectroscopic technique that is label-free and has been utilized in the detection of 
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viable bacteria in drinking water using the synthesis of silver nanoparticles that coats the surface 
moiety of the bacterial cell wall [114]. The synthesized metal nanoparticles strongly exert the Surface 
Plasmon Resonance effect to the weak Raman signal arising from various different biological moieties 
on the egg surface. The utilization of metal nanoparticles enhanced the Raman signal of bacteria by 
30-fold compared with that of the mixed colloid-bacterial suspension [111] (Figure 7). Additionally, 
this strategy was also used to differentiate three strains of E. coli and one strain of S. epidermidis. In 
another study, several pathogenic bacteria commonly found in systemic infections were successfully 
detected and discriminated in ≤5 min using SERS fingerprint at the single-cell level [112]. Moreover, 
SERS based detection using in situ coated metal nanoparticles has significant advantages in terms of 
minimal processing time, handling, minimal reactant volumes, less volume of the sample, greater 
sensitivity and selectivity. This strategy may be used to develop SERS-biosensors to differentiate 
species of STH ova, thereby providing an ultra-sensitive, rapid, and easy-to-use method of diagnosis. 
 
Figure 7. Surface Enhanced Raman Spectroscopy based detection using In-situ coating of Ag 
nanoparticles. 
6.5. Smartphone-Based Detection 
Smartphones have been utilized either alone or combined with microscopy in the detection of 
pathogens [115]. Furthermore, they act as a powerful tool in large epidemiological studies when used 
as an algorithm or app. The advantages of smartphone coupled with microscopic devices are being 
cost-effective and easily available. However smartphone technology based detection of parasites face 
challenges such as the absence of guidelines and a potential market for its application as an 
identification tool [116]. Nevertheless, new approaches such as the use of fluid geometrics combined 
with a mobile phone such as Nokia Lumia 2020 that has digital photo-microscopy would be beneficial 
to detect and enumerate STH ova in endemic areas and resource limited settings [117]. In addition, 
further studies are required to analyze its potential to fulfill the diagnostic requirements in endemic 
areas. 
6.6. Isothermal Amplification Assays 
Recent advancements in the isothermal amplification assays for nucleic acids have resulted in 
incubation at a constant temperature for the amplification of nucleic acid [97]. This significantly 
minimized the requirement for equipment and opens a new pathway to perform nucleic acid 
amplification in field settings. The absence of thermocycling steps is advantageous as they reduce the 
time taken for amplification [118]. Rapid reaction also occurs due to multiple molecular reactions that 
can proceed asynchronously. The most utilized isothermal amplification methods are nucleic acid 
sequential amplification, signal-mediated amplification of ribonucleic acid technology, helicase 
dependent amplification, recombinase polymerase amplification (RPA), rolling circle amplification, 
multiple displacement amplification, loop-mediated isotheral amplification (LAMP) and strand 
displacement amplification [119]. 
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LAMP is extremely sensitive and specific with the ability to detect genes that contain difference 
in a single nucleotide [120,121]. The assay utilizes a DNA polymerase that are not influenced by the 
presence of inhibitors and consists of a set of four primers that identify six different sequences on the 
DNA of interest [121,122]. However, the initiation of amplification follows binding of all the primers, 
thereby leading to the synthesis of an amplicon. The rapid amplification of a few DNA copies l to 109 
within an hour significantly reduces the time required for analysis [77,123]. The possibility of 
assessing the reaction in real time via turbidity measurement or visualization of color change by 
naked eye makes it a potential method for onsite applications. LAMP has been used for detecting 
Taenia spp., hookworm and Echinococcus granulosus [87,124]. Despite LAMP being cost-effective and 
rapid, the pitfalls of LAMP are the false-positive results caused by the formation of primer-dimers 
and contamination. Another handicap is the complexity in designing primers and requirement of 
skilled personnel [77]. 
In addition to LAMP, one of the fastest developing isothermal amplification methods is RPA 
owing to its isothermal properties, simplicity, rapid turnaround and excellent sensitivity and 
specificity. RPA has been utilized in the detection of viruses, bacteria, protozoa and helminths from 
blood, cerebrospinal fluid and sputum [125,126]. RPA can be integrated with gel electrophoresis, 
microfluidics, lateral flow assays and performed in real time [119]. Nevertheless, its application in the 
laboratory-based and field-based detection of STH ova in wastewater has not been studied yet. 
6.7. Paper-Based Sensors 
This approach utilizes paper which creates microfluidics channels by patterning hydrophobic 
materials on hydrophilic paper [97]. The most widely utilized paper-based method for detection is 
based on colorimetric analysis where results are achieved by formation of a color that is generated 
due to the binding of analyte (target pathogen) and ligand. The advantages of using paper are i) 
adsorption, ii) excellent capillary action, iii) compatibility with environmental samples, iv) 
sterilization and disposal, v) the capability for the storage and transportation of reagents in the paper 
matrix, vi) lightweight and availability, vii) low cost and viii) simplicity [127]. Paper-based 
immunoassays (lateral flow and vertical flow) are being routinely performed for the detection of 
pathogens. Despite the advantages of paper-based sensors, limitations regarding the accuracy, 
sensitivity and inability to simultaneously detect more than one pathogen exist [128]. However the 
utilization of paper-based biosensors in the detection of STH ova remains unexplored. 
7. Conclusion 
Conventional detection methods have demonstrated reliability and reproducibility for several 
decades in the identification and enumeration of soil-transmitted helminths ova in wastewater. 
Despite various methods having been developed for the concentration of helminth ova, there is 
neither a universally accepted nor a validated method for quality assurance and quality control. 
Furthermore these techniques are laborious and cumbersome, which has led to the emergence of 
PCR-based assays. Despite their rapidness, high sensitivity and specificity, PCR-based assays lack the 
ability to differentiate between viable and non-viable ova which are considered as being important for 
estimating the infection intensity. As such, this review has emphasized emerging alternatives that are 
robust. Since no single approach can satisfy the ‘ASSURED’ criteria for an ideal detection method, 
there is still a gap in research. This could nearly be fulfilled by utilizing two or more of the techniques 
in tandem for the detection of helminth ova. Additionally, the demand for rapid onsite (point-of-care) 
applications that require less technical ability is increasing enormously, especially in endemic areas 
and resource-limited settings. In addition to the aforementioned strategies, development of methods 
that require less technical assistance will also add value to the monitoring of helminth ova in 
wastewater, thus aiding the mitigation of helminths associated with risks in humans. 
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Chapter 2 
Aims and objectives 
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Due to stringent WHO guidelines for the safe reuse of wastewater in agriculture, it is crucial 
that the methods to detect pathogens, in particular, the ova of soil-transmitted helminths are 
rapid, sensitive and specific. However, the currently available conventional and PCR-based 
methods are laborious, insensitive, unable to determine viability and expensive. Furthermore, 
the lack of a universal method to recover ova from wastewater matrices may not provide the 
accurate estimation of infection intensity. Therefore a gap exists in the development of 
methods improved sensitivity, specificity, viability determination, turnaround time and onsite 
detection. 
The overarching aim of this thesis was to develop methods that assure high accuracy, 
speed and precision in the detection and determination of the viability of Ascaris ova in 
wastewater.  
The development of specific and sensitive methods could effectively estimate the 
concentration of helminth ova resulting in an accurate risk assessment, thereby ensuring the 
safe release of treated wastewater for agriculture and other non-potable applications. Each 
Chapter in the thesis contributed to this over arching aim. 
The aim of the first research chapter of this thesis (Chapter 4) was to develop a recovery 
method for STH ova from wastewater and sludge with minimal processing time and less 
damage to ova, without compromising the recovery efficiency. 
The aim of the second research chapter (Chapter 5) was to assess the efficacy of PMA-qPCR 
for monitoring viable Ascaris ova in wastewater.  
The aim of the third research chapter (Chapter 6) was to develop a rapid and sensitive 
recombinase polymerase amplification assay that can be utilized for the detection of STH ova 
without the requirement of sophisticated equipment.  
The aim of the fourth research chapter (Chapter 7) was a preliminary study to differentiate 
helminth ova genera based on their potential to synthesise gold nanoparticles in-situ.  
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In summary, the specific aims of the work described in the research chapters were: 
 To increase the recovery rate of ova whilst reducing the processing time, 
chemical reagents and centrifugation steps (Chapter 4) 
 To compare three different methods that determine viability of STH ova 
(Chapter 5) 
 To develop and validate a simple, rapid, sensitive, specific and user-friendly 
assay that can be potential for onsite detection in wastewater treatment plants 
(Chapter 6) 
 To differentiate STH ova based on their efficiency to synthesise gold 
nanoparticles on their ova surface moiety (Chapter 7) 
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Chapter 3 
General materials and methods 
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The materials and methods relating to general methodologies used throughout the thesis are 
presented in the chapter. 
3.1 Chemicals and reagents 
All chemicals were of analytical grade and were purchased from Sigma-Aldrich or Merck 
unless mentioned in the text. Phosphate buffered saline consisted of 8g/l NaCl; 0.2g/L KCl; 
1.44 g/L Na2HPO4 and 0.24 g/L KH2PO4, pH 7.4. All glassware and pipettes were RNase-free 
or treated with RNA ZAP (Ambion) prior to the commencement of molecular work. All 
solutions used for DNA extraction were also prepared using RNase-free chemicals and 
RNase-free sterile water. 
3.2 Source of wastewater and sludge 
 
Fig 3.1: Wastewater treatment plants of South East Water:  A. Map showing Lang 
Lang and Blind Blight sites, B. Collection of wastewater and sludge samples 
Samples of raw wastewater and sludge were collected from two different wastewater 
treatment plants (Lang Lang and Blind Bight) run by South East Water, Victoria, Australia 
(Fig 3.1).  
 
 
A                                                                         B 
34 
 
3.3 Source of Ascaris and Trichuris ova 
Ascaris suum (pig roundworm) ova were used as surrogate for the human parasite Ascaris 
lumbricoides owing to 98.1% genomic similarities and being morphologically 
indistinguishable. Additionally, A. lumbricoides causes enormous risk to public health while 
A.suum are readily available for experimental purposes and safer to handle as they rarely 
infect humans. Trichuris suis (whipworm) ova were used as surrogate for the T. trichiura, the 
causative agent of human trichuriasis. Faecal samples from pigs infected with A. suum and T. 
suis were obtained from an abattoir in Laverton, Australia.  
3.4 Recovery of helminth ova 
Aliquots of pig faeces containing at least 5 g DS were washed with milliQ water, mixed for 1 
min with a household blender and settled in 1% 7X
®
 solution for 30 min (MP Bio, Australia). 
The supernatant was discarded and washing was repeated with 1% 7X
®
 solution to solubilize 
the organic matter to aid the release of ova adhering to larger particles. After settling, the 
sediment was poured onto stainless steel sieves of 850 µM and 300 µM pore size (Prospector 
Earth Sciences, Australia) to remove the larger particles. The resulting filtrate containing 
each helminth ova was allowed to settle further in 7X
®
 for 30 min, then the deposit was 
mixed and distributed in 50 mL tubes, centrifuged at 800 g and the supernatant was 
discarded.   
Separation of ova was performed by flotation with the addition of magnesium sulfate 
(specific gravity 1.20) in each 50 mL tube. The tubes were centrifuged twice at 800 g for 3 
min which was then collected on a 38 µM sieve and washed with reverse osmosis water into 
a small beaker and transferred into 15 mL tubes and centrifuged at 800 g for a further 3 min. 
The ova in each sample were enumerated by optical microscopy (x200 magnification) using 
Whitlock Universal 4 chamber worm egg counting slides (J. A. Whitlock & Co, Australia), 
each of 500 µL capacity. The enumerated ova were aliquoted (1000±20 ova) into 1 mL 
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volume (5% potassium dichromate) in 2 mL Eppendorf tubes and stored at 4
o
C for DNA 
extraction.   
3.5 Production of non-viable ova 
Approximately 500 (±20) of the recovered Ascaris suum ova were used for the preparation of 
non-viable/killed ova. The ova were suspended in 200 µL of 1% phosphate buffer saline 
(PBS) in 1.5 mL tubes (Eppendorf, Australia) and incubated at 100 
o
C for 10, 15, 20 and 30 
minutes in triplicate in a dry block heater. The supernatant was discarded, and ova were 
stained in 0.5% methylene blue and observed under an optical microscope (Olympus, 
Australia). Incubation at 100 ⁰C for 15 min was found to produce 100% non-viable ova 
which were used for experiments to determine viability.  
3.6 BacLight live/dead staining  
The BacLight live/dead staining kit was used to stain ova following, i) recovery from pig 
faeces (without incubation) and ii) recovery and heat treatment (without incubation). An 
aliquot (0.7 µL) of each BacLight component (A and B) were added to 200 µL of suspension 
containing 500 ova (±20) in an Eppendorf tube.  
  
Fig 3.2: Integral membrane of Ascaris suum ova stained green with Syto 9 (viable ova) 
and red with propidium iodide (no viable ova) (Source: Karkashan et al., 2015) 
The tubes were thoroughly mixed to distribute the ova evenly and the mixture was 
maintained at room temperature in the dark for 15 min. Following incubation 20 µL volumes 
of the suspension were examined using confocal laser scanning microscopy (CLSM). The 
procedure was repeated several times for each sample of recovered ova. The stained 
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suspension of ova were viewed and captured using a Nikon A1R confocal microscope with a 
20x objective and using NIS-Element advanced software. Green fluorescence was observed 
with a 488 nm excitation filter and 500-550 nm emission filter for Syto 9. Red fluorescence 
was observed with a 488 nm excitation filter and 570-620 nm emission filter for propidium 
iodide. Merged images from each of the two individual channels were captured. A. suum ova 
were classified as viable when the inner membrane was stained green and non-viable if 
stained red. (Fig 3.2) 
3.7 Preparation of propidium monoazide (100 µM) 
Stock solution (2 mM) of PMA (phenanthridium, 2 amino-8-azido-5-[3-
(diethylmethylammonio)propyl]-6-phenyldichloride (Biotium, USA) was prepared by 
dissolving 1 mg of PMA into 978 µL of 20% dimethyl sulfoxide (Sigma-Aldrich, Australia). 
The stock solution was stored at -20
o
C.  Approximately 500 heat killed A. suum ova 
(triplicate samples) were transferred into 1.5 mL Eppendorf tubes and varying concentration 
of PMA (0, 50 µM, 100 µM and 200 µM) added. PMA treated non-viable ova were incubated 
in the dark for 10 min with periodic mixing to allow penetration of PMA into the damaged 
cell membrane of ova. The cross-linking of PMA due to photo-induction was achieved using 
exposure to a PMA-Lite
TM
 LED Photolysis device (Biotium, USA) for 15 min. The tubes 
were then incubated on ice for 10 min.  
3.8 DNA extraction 
The recovered STH ova (1000±20) were concentrated in 1% PBS to a final volume of 200 
µL. DNA isolation from ova was performed using Isolate II Genomic Spin Column kits 
(Bioline, USA) with minor modifications such as changing the lysis buffer volume and 
adding beads to break the ova using a FastPrep-24 classic instrument (MP Biomedicals, 
USA). The extracted DNA was quantified using the NanoDrop ND-8000 8-Sample 
Spectrophotometer. 
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3.9 Standardisation of Quantitative PCR 
A quantitative PCR assay was designed to detect the internal transcribed spacer (ITS) gene of 
A. suum using previously published primers and probes (46) (Table 1). For the standard 
curve, ten-fold serial dilutions of A. suum ova were prepared in triplicate ranging from 3000-
3 ova/mL and were subjected to DNA extraction using Isolate II Genomic DNA Spin Column 
kits (Bioline, Australia). The performance of qPCR amplification was assessing on criteria 
such as efficiency (E), slope, intercept, R
2
 and lower limit of quantification (LLOQ) which 
were determined using standard curves. The amplification reaction mixture consisted of 2X 
GoTaq buffer (Promega, USA), 10 µM for each primer and probe, Equine Herpes virus 
(EHV) primers (Table 3.1) and probe, template DNA, made to 20 µL with nuclease free 
water. A negative control without target DNA, a positive control containing A. lumbricoides 
DNA and EHV DNA were included in the amplification reaction. Viral DNA internal control 
was added to analyse DNA extraction and amplification efficiency. A Magnetic Induction 
Cycler (BioMolecular Systems, Sydney, Australia) was utilized for PCR analysis.  
Table 3.1: Oligonucleotide sequences (primers/probes) for qPCR optimisation 
Target Primers/Probes (5’-3’) Product 
size 
Gene  Source 
Ascaris spp Forward-
GTAATAGCAGTCGGCGGTTTCTT 
88bp ITS1 [88] 
 Reverse-GCCCAACATGCCACCTATTC    
 Probe 
ROX-TTGGCGGACAATTGCATGCGAT-
IBRQ 
   
EHVirus F-GATGACACTAGCGACTTCGA 81bp gB [88] 
 R-CAGGGCAGAAACCATAGACA    
 Probe 
CY5/FAM-TTTCGCGTGCCTCCTCCAG-
IBRQ/IBFQ 
   
 
To prevent contamination, preparation of the master mix, DNA isolation and qPCR were 
performed in different rooms within the laboratory. The cycler program consisted of 95 
o
C 
for 10 min, followed by 95 
o
C for 30 s, 60
 o
C for 60 s, repeated for 40 cycles. A Magnetic 
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Induction Cycler (Bio Molecular Systems, Australia) was used to analyse cycling reactions, 
absolute quantification and for preparation of the standard curve. The cycle threshold or Ct 
value is the total number of amplification cycles needed to detect fluorescence of the 
amplified products to exceed the set threshold value. Consequently, the Ct value is inversely 
proportional to DNA concentration in the sample. The assay was determined negative if Ct 
value exceeded 40 cycles (no amplification curve). The least concentration of copies from the 
standard series was considered as the qPCR LLOQ. 
3.10 Recombinase polymerase amplification 
 For the RPA assay, the internal transcribed spacer (ITS) ribosomal DNA regions of Ascaris 
suum (Accession number AB571302) and T. suis (Accession number AM993008) were 
targeted for amplification. The sequences were downloaded from Genbank (NCBI). Multiple 
forward and reverse RPA primers (Table 3.2) for each helminth ova were designed using 
Primer3 plus. RPA primers were designed following the TwistDx
TM
 guidelines (TwistDx, 
Cambridge, UK).  
To prevent cross contamination, preparation of all RPA reactions were carried out in a pre-
PCR chamber, and all reagents were left under UV light before and after each batch of 
reactions was run,  All primer screening was done using 2 ng of A. suum genomic DNA. 
Table 3.2: Oligonucleotide primers used for initial screening  
Assay Primer Helminth Sequence (5’ – 3’) 
RPA primer 
screening 
Asc718F A. suum/A. 
lumbricoid
es 
CTAATCTATGATTCAATATCTCGTTGTAATTT  
 
 Asc881R  AAATTTTTCATATACATCATTATTGTCACG 
 
 Asc709F  CTTATTTAGCTAATCTATGATTCAATATCTC
G 
 
 TS596F T. suis GTTATTAACGACCAATGCAGATAAGC 
 
 TS764R  GTTCAAAGTATTCAAGTTCAGTGTGTC 
 
 TS510F  CATGCTATGTCGGTGAGGTTTAAAGAA 
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Reactions were set up following the TwistDx
TM
 Basic RPA protocol with each reaction 
containing 29.5 µL rehydration buffer, 2.4 µL of each forward and reverse primer (10 pmol), 
12.2 µL dH2O and 1 µL of A. suum genomic DNA for each reaction mix. The RPA pellets 
were first decanted into 0.2 mL PCR tubes for easier handling; the reaction mix was then 
added, vortexed and spun down and 2.5 µL magnesium acetate was added to each lid making 
a total reaction volume of 50 µL. Tubes were centrifuged and immediately placed into the 
thermocycler and the incubations were initially performed at 37 ⁰
 
C for 20 min. Since this 
assay can be a potential point-of-care detection assay, the reaction tubes were also placed in 
the hands (body temperature) instead of the thermocycler. Amplification products were 
purified using the QIAquick PCR purification kit (Qiagen, Germany) and run on 2 % agarose 
gel. Negative (no DNA template) controls were incorporated into each set of reactions. 
Primer pairs that gave strong positive amplification were selected for further development. 
Additionally the primer pairs that gave the smaller size amplicons were selected to facilitate 
rapid amplification. 
3.11 RPA-LF amplicon detection 
Internal lateral flow RPA probes were designed for the ITS DNA region following the 
TwistDx
TM
 guidelines, with lengths between 46 and 52 nucleotides, containing a 6-carboxy-
fluorescein (FAM) label at the 5’ end. A basic tetrahydrofuran (THF) residue was added to 
the probe sequence and a C3 spacer was incorporated at the 3’ end to prevent extension of 
any unhybridised probe. To enable lateral flow detection, reverse primers were modified by 
attaching biotin to the 5’ end. If the probe was labelled with the FAM then the reverse primer 
was labelled with biotin and vice versa. ITS LF-RPA reactions were performed using the 
TwistDx
TM
 nfo kit. Reactions contained 2 ng A. suum genomic DNA, 29.5 µL rehydration 
buffer, 2.1 µL forward primer, 2.1 µL biotin labelled reverse primer, 0.6 µL specific internal 
lateral flow probe (10 pmol) and 12.2 µL dH2O for each reaction. These were mixed and 
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added to the RPA nfo pellets and then 2.5 µL magnesium acetate was added to the lids before 
the reactions were closed, centrifuged and incubated in the thermocycler at 37 ⁰C for 20 min. 
For negative control, nuclease free water was also included with each set of reaction 
performed. 
The amplicons were detected using the Milenia HybriDetect 2T lateral flow dipsticks 
(Milenia Biotec GmbH, Germany). The dipstick has been designed to develop qualitative or 
quantitative rapid test systems for the simultaneous detection of two different analytes. 
Detection occurs in a typical ‘sandwich’ format, with the target, in this case the probe 
forming a conjugate with recognition anti-FAM antibodies on the sample application area, 
and is then captured at the test line by anti-biotin and anti-digoxigenine antibodies to form a 
complex with colloidal gold producing a coloured signal. A control line is also visualised on 
the test strips to prevent any false negatives through failure of the lateral flow strips.  
To prevent contamination of RPA amplicons, post-amplification processing of the ITS RPA 
assays for lateral flow detection was carried out in different rooms of the laboratory. RPA 
amplification product (5 µL) was added to HybriDetect buffer (100 µL). The detection strip 
was placed vertically into the tube containing the mix with the sample application pad 
submerged in the solution. Results were read between 2 and 5 min. 
3.12 In-situ gold nanoparticle biosynthesis 
Tetrachloroauric acid (HAuCl4) was obtained from Merck (Australia) and prepared as 0.1 M 
using MilliQ water. Ova (1000 ± 20) of each helminth were added onto 1 mL of 0.1 M 
HAuCl4 and incubated at 37 ⁰C for 24 h using a thermomixer (Eppendorf, Australia). The 
samples were visualised for colour change. Furthermore, the structure of helminth ova and 
the synthesis of AuNPs by the ova surface moiety were investigated by scanning electron 
microscope XL30 (Philips, Netherlands). The elemental composition of the nanoparticle 
colloids was evaluated using energy dispersive X-ray spectroscopy using an Oxford X-
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Max20 EDX Detector. The energy of the electron beam was maintained at 15 keV for both 
imaging and EDX analysis. SEM and EDX analysis was performed at the RMIT microscopy 
and microanalysis facility (RMMF), RMIT University, Australia. 
 
 
 
3.13 Statistical analysis 
Statistical significance was determined in replicate samples by analysis of variance 
(ANOVA) and Fisher Exact Test (IBM SPSS Statistics 20) and the statistical significance 
was accepted at P< 0.05.  
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Abstract 
Accurate evaluation of viable Ascaris ova in wastewater is the key to mitigate Ascaris 
reinfections in endemic regions. In this study, the viability of Ascaris ova in raw wastewater 
was determined using three different detection methods: culture-based, BacLight Live/Dead 
staining and propidium monoazide-quantitative polymerase chain reaction (PMA-qPCR). 
Furthermore, comparative assessment of viability utilising the aforementioned detection 
methods was performed using seeded experiments in wastewater. The percentage of viability 
was; culture-based (82%), BacLight Live/Dead staining (87%) and PMA-qPCR (85%) 
respectively. Despite the fact that no statistical difference was shown in the viability 
determination among the three methods, PMA-qPCR based viability determination would be 
preferable over the other two methods for evaluating potential public health risks with A. 
suum ova due to its accuracy, least subjective and rapid reaction time. 
 
Keywords: wastewater, Ascaris ova, viability, BacLight Live/Dead staining, PMA-qPCR 
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1. Introduction 
Wastewater use is expected to increase significantly to meet rapidly growing demands for 
potable and non-potable water supplies due to growing population and changing climate (1). 
It has been estimated that around 20 million ha of agricultural lands are irrigated with treated 
as well as raw wastewater (2). In addition, direct application of raw wastewater into 
agricultural land is a common practice in developing countries, an activity that is rarely 
reported (3). However wastewater represents a reusable water source; yet it also has 
significant potential to act as a reservoir for waterborne disease transmission (4, 5). The 
extent of the health risk from the reuse of wastewater depends on several factors including 
the numbers of pathogens present, dose, exposure routes and the susceptibility of exposed 
individuals (6). Among the disease-causing microbial pathogens in wastewater, soil-
transmitted helminths, especially the round worm (Ascaris lumbricoides), whip worm 
(Trichuris trichiura) and hookworms (Ancylostoma duodenale and Necator americanus) pose 
a significant health risk to humans (7, 8). 
Ascaris lumbricoides pose a major public health risk globally, with an estimated prevalence 
of over 1.2 billion people (9, 10). Diseases caused by these parasites lead to gastroenteritis, 
anaemia, intestinal obstruction, poor physical and cognitive development in children (11). 
Infections are prevalent in sub-Saharan Africa, Latin America and South-East Asia (12-14). 
Poor sanitation and hygiene, inadequate water supply and reuse of wastewater and sludge for 
agriculture contribute to infections caused by A. lumbricoides (15, 16). A female worm can 
shed over 200,000 ova (eggs) per day in the faeces of infected hosts. Furthermore, fertilised 
ova can remain viable for long periods in the environment, but are inactivated through 
exposure to high temperature, desiccation and sunlight (17). Due to inappropriate collection 
of human waste, the ova are dispersed in the environment. Under warm moist conditions, 
fertilised ova undergo embryonation, which is a series of developmental phases resulting in 
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the formation of second and third larval stages. Upon ingestion of viable ova, the life cycle 
commences within the human host (18, 19). Due to the low infective dose required, ingestion 
of even one ovum in food or water contaminated with the embryonated larvae may cause 
disease (20, 21).  
To ameliorate this risk, wastewater treatment processes are designed to inactivate viable 
Ascaris ova and pathogens (22, 23). However, complete inactivation of Ascaris ova from 
wastewater and sludge is often difficult to achieve in developing countries due to the lack of 
technology (24). Ascaris species constitute 84% of the helminth ova in wastewater (25); they 
are also more resistant to environmental stresses than other helminths and microbes. For this 
reason, Ascaris sp. are recommended as indicators of the effectiveness of wastewater 
treatment processes in terms of eliminating infectious organisms from treated wastewater and 
sludge (26, 27).  
Due to high standards of sanitation and wastewater treatment processes in developed 
countries, ascariasis is not endemic in humans and Ascaris ova are rarely detected in 
wastewater systems (22, 28). However, migrants from the endemic regions in addition to the 
increased rates of travel to developing countries could increase the incidences of Ascaris 
infections in developed countries. Therefore, the removal of Ascaris ova from wastewater in 
non-endemic countries remains essential for the safe use of sludge or treated water in 
agriculture (29). For unrestricted use in agriculture and irrigation, the World Health 
Organisation (WHO) guidelines recommend ≤1 viable Ascaris ova/ L of wastewater sample 
(12). State controls in Victoria, Australia, require > 2 log10 reduction in Ascaris ova viability 
during wastewater treatment for the verification of wastewater and sewage sludge treatment 
processes for unrestricted use (30). A better understanding of the health risk posed by Ascaris 
ova in wastewater matrices requires accurate identification and quantification (31).  
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Conventional monitoring for helminth ova in these environments relies on culture-based 
methods such as incubation and optical microscopy, which have many obvious limitations, 
such as being time-consuming (up to 4 weeks) and laborious, which limit their usefulness as 
al detection tool (31-34). Despite the fact that improvements to traditional methods have been 
implemented, resulting in reductions in incubation duration and the utilisation of vital stains 
for enhanced accuracy in counting, they remain cumbersome (12, 35, 36). One of the 
methods to determine viability via microscopy is the BacLight Live/Dead staining kit which 
consists of two stains (Syto 9 and propidium iodide) that intercalates nucleic acids. Propidium 
iodide (PI) selectively stains non-viable ova while Syto 9 penetrates both viable and non-
viable ova. However, this technique is time-consuming and laborious. Accordingly, 
approaches involving quantitative polymerase chain reaction (qPCR) have been utilised for 
pathogen detection resulting in the development of a more rapid, sensitive and specific 
alternative methods (37). However this method also has limitations; Pecson et al. (2006) 
created profiles of the ITS-1 rDNA and rRNA levels during the development of Ascaris eggs 
from a single cell to third-stage larvae (38). The results of this study suggested that the 
accurate quantification of Ascaris ova using qPCR can be challenging due to the presence of 
varying numbers of gene copies in different development stages. This limitation can be 
overcome by determining average gene copy numbers from a mixed population to estimate 
the likely gene copy numbers per ovum.  
Conventional qPCR also suffers from the limitation of an inability to differentiate viable and 
non-viable cells, as naked DNA can persist in the environment even after cell death (5, 35, 
39, 40). This limitation results in an overestimation of ova concentration by qPCR thereby 
misleading the health risk (5). Propidium monoazide (PMA) coupled with real-time PCR has 
been utilised to selectively detect viable bacteria, viruses, protozoa and hookworm ova (5, 36, 
41). Propidium monozaide (PMA), is a photo-reactive DNA intercalating dye that is able to 
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penetrate the compromised membranes/cell wall of non-viable cells and subsequently 
combines with extracellular DNA or DNA from non-viable cells via exposure to bright 
visible light (40). Once combined with PMA, DNA will be incapable of being amplified in 
the subsequent PCR reaction, whereas only DNA protected by intact membranes of viable 
cells will be normally detected by qPCR (35, 42, 43). However, there is limited information 
regarding whether PMA can distinguish viable and non-viable Ascaris ova in wastewater. 
Also, considering that culture-based methods have been used as the “gold standard’, a 
consistent relationship between culture-based methods, BacLight live/dead viability staining 
(19, 41) and PMA-qPCR should be developed in order to validate the effectiveness of PMA-
qPCR in the monitoring of Ascaris ova within WWTPs.   
The objective of the present study was to assess PMA-qPCR for monitoring viable Ascaris 
ova in wastewater. PMA-qPCR, BacLight Live/Dead viability staining and culture-based 
methods were simultaneously used to quantify the ova concentration. The detection results 
obtained were compared and the relationship between PMA-qPCR, BacLight viability 
staining and culture-based methods were evaluated. 
2. Methods 
2.1 Source of Ascaris suum ova 
Ascaris suum ova were used as surrogate for A. lumbricoides, the human parasite, owing to 
the fact that it exhibits 98.1% genomic similarity to A. lumbricoides and the fact that A. suum 
is morphologically indistinguishable to A. lumbricoides. Furthermore, A. lumbricoides causes 
major public risks while A. suum is readily available for experimental purposes and safer to 
handle as it rarely infect humans (44). Faecal samples from pigs infected with A. suum were 
obtained from an abattoir in Laverton, Australia and the ova were isolated using minor 
modifications in the Tulane method (34, 45). Aliquots of pig faeces (≤ 5 g) were washed with 
milliQ water, mixed for 1 min with a household blender and settled in 1% 7X
®
 solution for 
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30 min (MP Bio, Australia). Following settlement, the sediment was poured onto stainless 
steel sieves (850 µM and 300 µM) pore size (Prospector Earth Sciences, Australia) and the 
filtrate was allowed to settle further in 7X
®
 for 30 min. The ova was separated using a 
flotation method with the addition of magnesium sulfate (specific gravity 1.20) followed by 
centrifugation at 800 g for 3 min. The recovered ova were collected using a 38 µM sieve and 
were washed with reverse osmosis water into a small beaker and then transferred into 15 mL 
tubes and centrifuged at 800 g for a further 3 min. Enumeration of ova was performed by 
optical microscopy (x200 magnification) using Whitlock Universal 4 chamber worm egg 
counting slides (J. A. Whitlock & Co, Australia). The enumerated ova were aliquoted into 1 
mL volume (5% potassium dichromate) in 1.5 mL Eppendorf tubes and stored at 4
o
C for 
spiking/seeding experiments.   
2.2 Production of non-viable ova by heat treatment 
Approximately 500 (±20) Ascaris suum ova that were recovered previously were used for the 
preparation of non-viable/killed ova for culture-based, BacLight live/dead staining and PMA-
qPCR. The ova were suspended in 200 µL of 1% phosphate buffer saline (PBS) in 1.5 mL 
tubes (Eppendorf, Australia) and incubated at 100 
o
C for 10, 15, 20 and 30 minutes in 
triplicate in a dry block heater. The supernatant was discarded, and ova were stained in 0.5% 
methylene blue and observed under an optical microscope (Olympus, Australia). Incubation 
at 100 ⁰C for 15 min was found to produce 100% non-viable ova which were used for further 
experiments to determine viability.  
2.3 Conventional incubation-microscopy for culture-based viability determination 
The Tulane method with modifications (34, 45) was followed to calculate the proportion of 
viable and non-viable A. suum ova recovered from pig faeces. Approximately 1 mL of the 
stored suspension (in triplicate) containing 1000 ova (±50) for untreated and 500 (±20) for 
heat treated ova was placed in a 90 mL Petri dish, covered with 1% formalin and incubated at 
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25 ⁰C for up to 4 weeks. Following incubation, the contents of the Petri dish were centrifuged 
at 800 g for 3 min and the deposit washed with milliQ water and made up to 1 mL. Using the 
Whitlock egg counting chamber, 500 µL of the ova suspension was added in two chambers of 
the Whitlock slide and was counted in triplicate using optical microscopy. Embryonated ova 
with larvae were considered as viable and unembryonated ova were considered as non-viable 
ova.  
2.4 Viability determination with BacLight live/dead staining method 
The BacLight live/dead staining kit was used to stain ova following, i) recovery from pig 
faeces (without incubation) and ii) recovery and heat treatment (without incubation). An 
aliquot (0.7 µL) of each BacLight component (A and B) were added to 200 µL of suspension 
containing 500 ova (±20) in an Eppendorf tube. The tubes were thoroughly mixed to 
distribute the ova evenly and the mixture was maintained at room temperature in the dark for 
15 min. Following incubation 20 µL volumes of the suspension were examined using 
confocal laser scanning microscopy (CLSM). The procedure was repeated several times for 
each sample of recovered ova. The stained suspension of ova were viewed and captured using 
a Nikon A1R confocal microscope with a 20x objective and using NIS-Element advanced 
software. Green fluorescence was observed with a 488 nm excitation filter and 500-550 nm 
emission filter for Syto 9. Red fluorescence was observed with a 488 nm excitation filter and 
570-620 nm emission filter for propidium iodide. Merged images from each of the two 
individual channels were captured. A. suum ova were classified as viable when the inner 
membrane was stained green and non-viable if stained red. 
2.5 BacLight live/dead staining to determine ova viability in wastewater 
The BacLight live/dead staining method (41) was applied to ova suspended in a sample of 
wastewater obtained from Lang Lang wastewater treatment, Australia. An aliquot of 1 mL of 
unheated (200 ±10) and heat treated ova (500 ±20) in triplicate was added to 2 mL of 
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wastewater and mixed to ensure the ova were thoroughly distributed in the tube and 
centrifuged at 800 g for 3 minutes. The supernatant was discarded and 0.2 mL of the deposit 
with the seeded wastewater was stained by adding 0.7 µL of BacLight component (A and B) 
and incubated in the dark at room temperature for 15 minutes. Volumes (20 µL) of the 
reaction mixture were examined by confocal laser scanning microscopy using the same 
procedure as described above in 2.4. The total numbers of viable and non-viable ova were 
counted several times in total volume of stained material.  
2.6 PMA-qPCR method 
2.6.1 Optimisation of PMA concentration 
Stock solution (2 mM) of PMA (phenanthridium, 2 amino-8-azido-5-[3-
(diethylmethylammonio)propyl]-6-phenyldichloride (Biotium, USA) was prepared by 
dissolving 1 mg of PMA into 978 µL of 20% dimethyl sulfoxide (Sigma-Aldrich, Australia). 
The stock solution was stored at -20
o
C.  Approximately 500 heat killed A. suum ova 
(triplicate samples) were transferred into 1.5 mL Eppendorf tubes and varying concentration 
of PMA (0, 50 µM, 100 µM and 200 µM) added. PMA treated non-viable ova were incubated 
in the dark for 10 min with periodic mixing to allow penetration of PMA into the damaged 
cell membrane of ova. Cross-linking of PMA due to photo-induction was achieved using 
exposure to a PMA-Lite
TM
 LED Photolysis device (Biotium, USA) for 15 min. The tubes 
were then incubated on ice for 10 min.  
DNA isolation was performed from PMA treated non-viable Ascaris ova using Isolate II 
genomic kits (Bioline, Australia). Minor modifications were performed to the manufacturer’s 
protocol. Amplification of the DNA samples from non-viable ova using qPCR revealed that a 
PMA concentration of 100 µM did not permit amplification and this value was selected for 
the discrimination of viable and non-viable Ascaris ova using PMA-qPCR assay. 
2.6.2 Optimisation of qPCR  
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A quantitative PCR assay was designed to detect the internal transcribed spacer (ITS) gene of 
A. suum using previously published primers and probes (46) ( Table 1). For the standard 
curve, ten-fold serial dilutions of A. suum ova were prepared in triplicate ranging from 3 – 
3000 ova/mL and were subjected to DNA extraction using Isolate II Genomic DNA Spin 
Column kits (Bioline, Australia). The performance of qPCR amplification was assessed on 
criteria such as efficiency (E), slope, intercept, R
2
 and lower limit of quantification (LLOQ) 
which were determined using standard curves. The amplification reaction mixture consisted 
of 2X GoTaq buffer (Promega, USA), 10 µM for each primer and probe, Equine Herpes virus 
(EHV) primers and probe, template DNA, made to 20 µL with nuclease free water. A 
negative control without target DNA, a positive control containing A. lumbricoides DNA and 
EHV DNA were included in the amplification reaction. Viral DNA internal control was 
added to analyse DNA extraction and amplification efficiency. A Magnetic Induction Cycler 
(BioMolecular Systems, Sydney, Australia) was utilized for PCR analysis.  
Table 1: Oligonucleotide sequences (primers/probes) for qPCR optimisation 
Target Primers/Probes (5’-3’) Product 
size 
Gene  Source 
Ascaris spp Forward-
GTAATAGCAGTCGGCGGTTTCTT 
88bp ITS1 (46) 
 Reverse-GCCCAACATGCCACCTATTC    
 Probe 
ROX-TTGGCGGACAATTGCATGCGAT-
IBRQ 
   
EHVirus F-GATGACACTAGCGACTTCGA 81bp gB (46) 
 R-CAGGGCAGAAACCATAGACA    
 Probe 
CY5/FAM-TTTCGCGTGCCTCCTCCAG-
IBRQ/IBFQ 
   
 
To overcome contamination, preparation of the master mix, DNA isolation and qPCR were 
performed in different rooms within the laboratory. The cycler program consisted of 95 
o
C 
for 10 min, followed by 95 
o
C for 30 s, 60
 o
C for 60 ss, repeated for  40 cycles. A Magnetic 
Induction Cycler (Bio Molecular Systems, Australia) was used to analyse cycling reactions, 
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absolute quantification and for preparation of the standard curve. The cycle threshold or Ct 
value is the total number of amplification cycles needed to detect fluorescence of the 
amplified products to exceed the set threshold value. Consequently, the Ct value is inversely 
proportional to DNA concentration in the sample. The assay was determined negative if Ct 
value exceeded 40 cycles (no amplification curve). The least concentration of copies from the 
standard series detected in all replicates was considered as the qPCR LLOQ. 
2.6.3 Development of PMA-qPCR method 
For the quantitative detection of viable A. suum ova i) 500 (±20) untreated ova, ii) 50% 
untreated (n=250) + 50% heat treated (n=250) and iii) 500 (±20) heat treated ova were treated 
with 100 µM PMA as described above. Genomic DNA was isolated using Isolate II Genomic 
Spin Column Kits (Bioline, Australia) and the subsequent DNA examined by qPCR. 
2.6.5 Validation of PMA-qPCR for raw wastewater 
To validate the PMA-qPCR method in terms of determining the viability of A. suum ova in 
raw wastewater, 9 mL of raw wastewater (Lang Lang wastewater treatment plants, Victoria, 
Australia) was seeded with 1 mL of i) 500 (±20) untreated ova and ii) 500 (±20) heat treated 
ova. The ova seeded sample were transferred into 50 mL sterile Falcon tubes and centrifuged 
at 800 g for 3 minutes. The resulting supernatant was discarded and ova were separated from 
the sediment (pellet) using magnesium sulfate (using the flotation method) using a modified 
Tulane method (34, 44). The recovered ova were treated with 100 µM PMA and DNA was 
isolated using Isolate II Genomic Spin Column Kits (Bioline, Australia) and the resulting 
DNA examined using qPCR. The Cq values conversion to viable ova was calculated as 
follows: 
Nv = No. of copies in PMA-qPCR/No.of copies (qPCR) x Total number of ova (35) 
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3. Results 
3.1 Conventional incubation-microscopy for culture-based viability determination  
Viable and non-viable ova were distinguished using a culture-based incubation-microscopy 
method. Of the 1000 (± 50, n = 3) ova for the culture-based method, each replicate was 
enumerated and the number of viable (embryonated) ova (Fig 1A and 1B) were determined to 
be 829, 851 and 792 with an average of 824 ± 24 (82% recovery). 
 
Fig 1: Photomicrographs of A suum ova enumerated using the culture-based method. 1A: a) 
embryonated ova and b) unembryonated ova; 1B: embryonated ova with larvae   
 
The numbers considered as non-viable (unembryonated) ova (Fig 1A) were 176 ± 24 (18%). 
Furthermore, there was no embryonation or larval development in heat treated ova (data not 
shown). 
3.2 Viability determination with BacLight live/dead staining method 
Viability determination of A. suum ova recovered from pig faeces using the BacLight 
live/dead staining and observation by confocal laser scanning microscopy showed that the 
inner lipoprotein layer of most of the ova was stained with both Syto 9 and PI (propidium 
iodide); however the internal structures were unstained denoting that these ova were viable. 
In contrast, the internal structures stained only by PI were considered as non-viable (Fig. 2). 
Unfertilised ova exhibited a similar response in terms of staining as non-viable ova. Out of 
a 
b 
1A 1B 
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the 500 (±20) untreated ova (n = 3), 397 ± 6 (79%) were considered viable and 94 ± 9 (19%) 
were non-viable; the remaining 9 ± 2 (2%) were partially stained and considered as uncertain 
(Table 1).  
 
Fig 2: Confocal microscopy images of A. suum ova stained with Syto 9 (green) and 
Propidium Iodide (red) to determine the viability of ova: A) viable ova, B) non-viable ova, C) 
Both viable (green) and non-viable (red) ova. 
 
Similarly, out of 500 (± 20) heat treated ova, 498 ± 1 (99%) were considered as non-viable 
and 2 ± 1 (1%) were partially stained and were considered ‘uncertain’ (Table 2); however, no 
viable ova were present. The results confirm the efficacy of the heat treatment of A. suum ova 
at 100 ⁰C for 15 min. The total number of ova (heated and untreated) seeded in wastewater 
was 200 ± 20 (n = 3). Despite the presence of debris, both viable and non-viable ova were 
readily identified based on their size and morphology. Based on the BacLight live/dead 
staining method, 174 ± 5 (87%) were found to be viable, 21 ± 3 (11%) were non-viable and 4 
± 2 (2%) were partially stained and termed uncertain (Table 2). However, heat treated ova 
seeded in wastewater were all observed as non-viable. 
3.3 Optimisation of PMA concentration 
Amplification of non-viable ova was observed at PMA concentration of 50 µM and in the 
untreated sample; however PMA concentrations of 100 µM and 200 µM did not undergo 
A C B 
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amplification. This result confirms that a PMA concentration of 50 µM was insufficient to 
discriminate viable and non-viable ova while PMA concentrations of 100 µM and 200 µM 
were capable of discriminating between viable and non-viable ova. The lowest concentration 
(100 µM) possessing the ability to inhibit amplification of non-viable ova was selected for 
further validation. qPCR standard curves for target A. suum resulted in a linear range of 
quantification from 3 x 10
3
 to 3 x 10
0
 gene copies per microliter of DNA. The qPCR 
amplification efficiency was 90% and the correlation coefficient (r
2
) was 0.99 with -3.91 as 
the slope of the line (data not shown). The qPCR LLOQ was 3 x 10
0
 gene copies (36 cycles).  
 
3.4 PMA-qPCR assay for determination of viability 
The assay was used to differentiate viable A. suum ova from a mix with non-viable ova. The 
mean Cq values for 100% viable (without PMA), 100% viable with PMA, 50% viable and 
50% non-viable ova with PMA, non-viable ova with PMA were 27, 28, 31, 40 and 28 
respectively. These data reflected that the amplification of DNA from non-viable ova was 
almost completely inhibited (above 40 cycles) by the PMA treatment while there was no 
effect of PMA treatment on viable ova. Furthermore, the Cq values of the mixed (viable and 
non-viable) with PMA increased suggesting that PMA had selectively inhibited the PCR 
reaction with DNA of non-viable ova (Fig. 3).  
63 
 
  
Fig. 3: Cq values resulting from the qPCR assay carried out in the presence and absence of 
PMA. V-100% viable (without PMA), VP (100% viable with PMA), VNP (50% viable and 
50% non-viable ova with PMA), NP-non viable ova with PMA, VN-50% viable and 50% 
non-viable ova without PMA. Results presented are the means of three replicates with 
standard error presented.  
 
3.6 Validation of PMA-qPCR for raw wastewater 
Culture-based and BacLight live/dead staining method provided information on the numbers 
of viable and non-viable ova enabling the relationship between gene copy numbers and 
corresponding ova to be established. The number of viable ova quantified by PMA-qPCR 
was 424 ±17 and the mean numbers of non-viable ova were 76 ±17 (Table 2).  
Table 2: Viability of A. suum ova in raw wastewater evaluated by culture-based, BacLight 
Live/Dead staining and PMA-qPCR.  
Methods (viability 
determination) 
Viable Non-viable Uncertain Total 
Culture-based 824 ± 24 (82%) 176 ± 24 (18%) 0 (0) 1000 
BacLight staining 397 ± 6 (79%) 84 ± 9 (19%) 9 (2%) 500 
BacLight staining 
(wastewater) 
174 ± 5 (87%) 21 ± 3 (11%) 4(2%) 200 
PMA-qPCR 424 ± 17 (85%) 76 ± 17 (15%) 0 500 
0
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64 
 
3.7 Comparative assessment of three methods 
The mean percentage of viability determined using the BacLight live/dead staining method 
for untreated ova in raw wastewater was 87%, slightly higher, though not statistically 
significant (Fisher Exact test, p > 0.05) than the viability determined using the either culture-
based method (82%) or PMA-qPCR (85%) (Table 2).  
 
4. Discussion 
Determination of the viability of Ascaris ova is necessary to assess the potential public health 
risks associated with the reuse of wastewater in agriculture in order to meet the guidelines of 
the WHO (47).  A few studies have assessed viability determination using PMA-qPCR, 
culture-based and vital stains for hookworm ova (36). Here we studied the utilisation of 
PMA-qPCR for viability determination of Ascaris ova in wastewater and for the first time, 
the accuracy was comparatively evaluated with the culture-based and BacLight Live/Dead 
staining methods for determining the viability of Ascaris ova.   
The culture-based method would normally show the least accuracy when enumerated directly 
from the wastewater samples (48). This low accuracy can be attributed to factors such as i) 
damage of ova during transport of wastewater samples to a central processing laboratory, ii) 
storage methods, iii) lack of a universal method to recover higher yield of ova, iv) 
identification of ova based on visual observation consequently leading to variation in the 
number and identity of ova (49, 50). Since infections with Ascaris species are not common in 
Australia due to good sanitation systems and high standards of urban wastewater treatment 
(22, 27), a seeding experiment was performed to assess viability using the culture-based 
incubation-microscopy method. This method involves various steps and chemicals that can 
distort the structural integrity of the ova cell wall (51).  
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The results on the viability determination of A. suum ova using BacLight Live/Dead staining 
method are in general agreement with various studies utilised to distinguish viable and non-
viable helminth ova (19, 41). Syto 9 and PI saturated the lipoprotein layer of viable ova while 
staining the internal components of the non-viable ova. The reason for this differential 
staining may be the tough outer shell and an impermeable lipoprotein layer that act as barriers 
to the diffusion of stains into the viable ova (52). Since the A. suum ova used for this study 
was recovered from pig faeces, they generally have mature outer coats compared to the 
immature outer coats of ova collected from the uterine content of worms. In this study, the 
unembryonated and the heat-killed A. suum ova were considered as non-viable ova. Both 
Syto 9 and PI penetrated the lipoprotein layer and stained the internal nuclear material of all 
these types of non-viable ova. Also, Syto 9 and PI had no apparent toxic effects on viable ova 
as would normally occur with some of the vital stains (19).  
The percentage viability of seeded A. suum ova in raw wastewater using the BacLight 
Live/Dead staining showed good agreement with the culture-based method. However further 
work will be required before an assumption can be made that this method would be reliable in 
treated wastewater samples or sludge that normally undergoes several treatment processes in 
wastewater treatment plants. For instance, treatment of wastewater with UV and gamma 
radiation can damage the internal components of helminth ova with minor effect on the 
lipoprotein layer (19, 53, 54). A. suum ova exposed to hydrostatic pressure in food processing 
exhibited no changes in morphology when examined using optical microscopy. However the 
ova were unable to undergo embryonation, possibly due to the damage to proteins required 
for cell division (55). Ultracentrifugation also damages the internal components of A. 
suum ova without distorting the lipoprotein layer. In such a case, even non-viable A. suum 
ova that underwent the aforementioned treatment processes appear viable when examined 
using BacLight Live/Dead staining method (19). Although the BacLight Live/Dead staining 
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method showed promise as an alternative to culture-based methods for evaluating the 
viability of A. suum ova, it is time-consuming, requires accurate identification of helminth 
ova using CLSM and the efficiency to determine viability depends on the environmental 
sample. 
To overcome the limitations of culture-based and BacLight Live/Dead staining methods, 
PMA-qPCR has been developed to detect and quantify viable bacteria, protozoa and viruses 
in environmental samples. Currently, there is limited knowledge on the comparative 
assessment of methods to determine the viability of A. suum ova using culture-based, 
BacLight Live/Dead staining and PMA-qPCR. Various studies have utilised PMA-qPCR to 
overcome the issue of quantitatively detecting viable cells (35, 39, 43). Variable PMA 
concentration and exposure of light may affect the viability of cells in wastewater. A low 
concentration of PMA may not be efficient as unwanted debris may absorb PMA; however, a 
high PMA concentration may infiltrate viable cells and inhibit the PCR reaction leading to an 
underestimation of viable ova (35).  
For photoactivation, PMA Lite
TM
 (Biotium, USA) was used as it improves reproducibility 
and avoids variations that occur while performing manual photoactivation. The system is 
thermally stable with a uniform light source and allows 18 samples to be photoactivated 
simultaneously. In addition, photoactivation times can be programmable, allowing efficient 
optimisation.  Based on optimisation, a PMA concentration of 100 µM was chosen for this 
study. This value is in agreement with various studies that have used PMA for determining 
the viability of cells (5, 35, 56). In this study, PMA only inhibited amplification of non-viable 
ova, due to a loss of structural integrity of the ova that allowed PMA to enter the cytoplasm.  
Direct determination of viability of A. suum ova in raw wastewater using PMA-qPCR might 
have some limitations such as prevention of PMA photo-activation due to sample turbidity. 
Samples have to be diluted to enable light to reach PMA (5). Nevertheless, in this study, 
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PMA-qPCR measured only viable A. suum ova.  However, the generated gene copy numbers 
need to be converted to ova. There is currently a lack of information regarding how many 
gene copies are present in a single ovum. Therefore, to determine the gene copy numbers, a 
separate qPCR experiment was needed to determine the standard. A kinetic study for the 
determination of the gene copy numbers of an ovum in every cell development stage would 
significantly improve the PMA-qPCR method (57).  
A comparison of assessed viability revealed that there was no statistical difference in the 
percentage viability of A. suum ova when assessed using culture-based, BacLight Live/Dead 
staining and PMA-qPCR. Despite the difficulty in estimating accurate gene copy numbers per 
ovum, the PMA-qPCR method is faster, sensitive and can overcome the limitations of the 
other two methods and therefore could be used for the rapid quantification of viable A. suum 
ova. Since the PMA-qPCR method can differentiate helminth ova to the species level, it 
could potentially be used for in-vitro viability assessment of soil-transmitted helminths ova. 
5. Conclusion 
The accurate quantitative detection of viable A. suum ova in wastewater is essential to 
evaluate the potential risks to public health. The culture-based and BacLight Live/Dead 
Staining methods are based on microscopy whereby inbuilt errors occur such as the loss of 
ova during enumeration in addition to being time-consuming. The PMA-qPCR was sensitive 
and specific and amplified only the viable ova thus preventing overestimation of infection 
intensity. Based on the speed, sensitivity, specificity and viability determination of A. suum in 
wastewater, PMA-qPCR outperformed the other two methods and could be applicable for 
evaluation of viable A. suum ova in wastewater. 
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Abstract 
Wastewater, both raw and treated, has been widely used to maintain global water demand, 
particularly in agriculture. However, use must be accompanied by adequate and continuous 
quality control. Ascaris lumbricoides is a major soil-transmitted helminth with risk for 
humans due to its high infectivity. The ability of A. lumbricoides ova to survive wastewater 
treatment makes this an important pathogen to monitor as an indicator of effective water 
treatment and sanitation. Removal of Ascaris ova from wastewater remains crucial to allow 
the safe use of recycled water in agriculture. Current microscopic techniques for the 
identification and enumeration of Ascaris ova are laborious and cumbersome. Polymerase 
chain reaction (PCR)-based techniques are sensitive and specific, however, major constraints 
lie in the expense of having to transport samples to a centralised laboratory, the requirement 
for sophisticated instrumentation and skilled personnel. To address this issue, a rapid, highly 
specific, sensitive and affordable method for the detection of helminth ova was developed 
using recombinase polymerase amplification (RPA) coupled with lateral flow (LF) strips. In 
this study, Ascaris suum ova were used to demonstrate the potential use of the RPA-LF assay.  
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The method was faster (< 30 min) with optimal temperature at 37 ⁰C and more sensitive than 
polymerase chain reaction-based approaches and could detect as low as 2 femtograms of 
DNA. Furthermore, ova from two different helminth genera were able to be detected as a 
multiplex assay using a single lateral flow strip which could significantly reduce the time and 
cost of helminth identification. The RPA-LF system represents an accurate, rapid and cost-
effective technology with the potential to replace conventional and polymerase chain reaction 
based detection methods, which are technically challenged and not ideal for on-site detection 
in wastewater treatment plants. 
 
Keywords: Wastewater, Ascaris, soil-transmitted helminths, recombinase polymerase 
amplification, lateral flow, point-of-care 
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Author Summary 
Current guidelines of the Australian guidelines for water recycling recommend 1 helminth 
per litre of wastewater to be considered safe for reuse in agriculture and other non-potable 
use. Microscopy and polymerase chain reaction (PCR)-based methods are being used to 
detect helminth ova. However microscopy is time consuming and the drawback of PCR-
based methods is the expense of having to transport wastewater samples to a laboratory 
which increases by up to two weeks the time taken to obtain the results up to two weeks. 
What the water utilities need is a rapid, accurate, portable, easy-to-use and cost-effective 
technology that enables detection of helminth ova in wastewater. This research provides the 
solution for overcoming these limitations using recombinase polymerase amplification 
combined with lateral flow strips to detect ova of two different helminth genera within 30 
minutes and at onsite. 
 
 
 
 
 
 
 
 
 
 
 
80 
 
1. Introduction 
The reuse of wastewater following the depuration process is a widespread and necessary 
practice in many areas around the world, especially in areas prone to water scarcity (1, 2). 
Recycled water can be used in agriculture but if not treated effectively can become a risk for 
human health due to the presence of an array of pathogens and pollutants in the recycled 
water used for irrigation (3-5). In particular, helminth ova are capable of surviving months in 
water, or even years in soil, and are a potential concern wherever wastewater or biosolids are 
reused (6, 7). 
In 1989, the WHO drew attention to the health implications of helminth infections associated 
with inadequate water quality and sanitation (8-10). Soil-transmitted helminth (STH) 
infections are a global health issue, affecting nearly one-third of the world’s population (9-
11). Ascaris lumbricoides is the major STH afflicting more than one billion people worldwide 
(12-14) and is one of the most important causes of childhood malnutrition, cognitive 
impairment and gastrointestinal complaints (15-18). Due to their environmental hardiness, the 
presence of parasitic helminth ova as an indicator of sanitary risk is one of the water quality 
parameters recommended by WHO (19, 20). An upper limit of one helminth ova per litre is 
recommended for recycled water to be judged suitable for unrestricted use (2, 21, 22). 
Following these recommendations, the modified Bailenger method was proposed as a 
reference method to detect a maximum limit of one intestinal helminth ova per 10 litres of 
water for diverse reuse in urban, agricultural, industrial or environmental contexts (23, 24). 
However this method is considered to be time consuming (minimum 72 hours), not very 
sensitive, and involves subjective morphological identification and enumeration of helminth 
ova by optical microscopy following recovery of ova (25-27). 
Sensitive and specific diagnostic tests are critical for monitoring Ascaris species in 
wastewater and sludge (28-30). Although current molecular detection techniques such as 
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polymerase chain reaction (PCR)-based methods provide sufficient sensitivity, specificity and 
throughput (1, 31, 32), their use is hampered by the need for expensive laboratory equipment, 
highly skilled personnel and cold-chain storage devices, not readily available within most 
endemic countries where poverty is widespread and resources are limited (33, 34). It is 
probable therefore that many infections are being missed using current diagnostic methods; 
therefore elimination goals are unlikely to be achieved unless a more sensitive, quick, easy to 
perform and cost-effective method of detection is developed.  
Recombinase polymerase amplification (RPA) is a novel isothermal (requiring constant 
ambient temperatures) DNA amplification technology being developed for the Point-of-Care 
(POC) diagnosis of several important pathogens including those causing neglected tropical 
diseases (35, 36). The technology is sensitive and specific but also overcomes many of the 
obstacles faced by existing molecular diagnostics (37). The technology offers a rapid, robust, 
high-throughput, low energy approach using readily portable equipment, with results 
available using field-friendly detection devices, making this a promising technology for 
molecular POC diagnosis (38, 39).  
RPA starts with the binding of recombinase to primers to form complex strands. These 
complexes then displace the anti-sense strand of the target, and a strand exchange reaction is 
performed (40). A single-stranded DNA-binding protein binds to the parental strands, 
preventing these strands from interacting with displaced template strands (35). Subsequently, 
DNA polymerase initiates template synthesis to form new DNA chains. Since the reaction 
can be performed between 37 and 42 ⁰C within 20 min, it is considered the closest to so-
called isothermal amplification. In recent years, RPA has been utilised for the rapid detection 
of bacteria (Neisseria gonorrhoeae, Salmonella enterica), viruses (Dengue and Yellow Fever 
virus) and other microbial agents that represent significant public health risks (41-44). 
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RPA products can be visualised by a variety of detection methods, such as agarose gel 
electrophoresis (AGE) (36), real-time quantitative fluorescence (45) and lateral flow strips 
(46). However AGE requires time-consuming protocols and suffers from lower sensitivity. 
Real time quantitative fluorescence requires multiple reaction steps, well-equipped facilities 
and well trained technicians. Lateral flow (LF) strips based on oligochromatographic testing 
only require 5 to 10 min to achieve a positive or negative result (47). LF strips are popular 
since they can establish an affordable, sensitive, specific, user-friendly, rapid and visual 
detection assay for trace target detection (48). For the visualisation of LF strips, gold 
nanoparticles are an ideal label material that possesses advantages, such as being amenable to 
detection by multiple methods, stability under different assay conditions and commercial 
availability at a low cost (49). Colloidal gold can produce visible results, while allowing 
solutions through a nitrocellulose membrane without blocking. Therefore, LF combined with 
colloidal gold labelling technique is extensively used for the qualitative or semi-quantitative 
detection of various analytes by the naked eyes or with a simple strip reader (50). 
Herein, for the first time, a rapid and sensitive recombinase polymerase assay coupled with 
lateral flow technique is utilised for the detection of Ascaris ova in wastewater without the 
requirement of complex equipment, thus can be a potential point-of-care detection assay. The 
approach focused on the internal transcribed spacer-1 (ITS-1 located between 18 S and 5.8 S 
rRNA genes) region to facilitate specificity detection. Additionally, the sensitivity and 
specificity of this RPA-LF assay in the detection of Ascaris ova was evaluated.  
2. Materials and Methods 
2.1 Source of Ascaris ova 
Ascaris suum (pig roundworm) ova were used as surrogate for the human parasite Ascaris 
lumbricoides owing to 98.1% genomic similarities and being morphologically 
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indistinguishable. Additionally, A. lumbricoides causes enormous risk to public health while 
A.suum are readily available for experimental purposes and safer to handle as they rarely 
infect humans (51). Faecal samples from pigs infected with A. suum were obtained from an 
abattoir in Laverton, Australia. A. suum ova were isolated using a modified version of the 
Tulane method (21, 52). Aliquots of pig faeces containing at least 5 g DS (dissolved solid) 
were washed with milliQ water, mixed for 1 min with a household blender and settled in 1% 
7X solution for 30 min (MP Bio, Australia). The supernatant was discarded and washing was 
repeated with 1% 7X solution to solubilize the organic matter to aid the release of ova 
adhering to larger particles. After settling, the sediment was poured onto stainless steel sieves 
of 850 µM and 300 µM pore size (Prospector Earth Sciences, Australia) to remove the larger 
particles. The resulting filtrate containing A. suum ova was allowed to settle further in 7X
®
 
for 30 min, then the deposit was mixed and distributed in 50 mL tubes, centrifuged at 800 g 
and the supernatant was discarded.   
Separation of ova was performed by flotation with the addition of magnesium sulfate 
(specific gravity 1.20) in each 50 mL tube. The tubes were centrifuged twice at 800 g for 3 
min which was then collected on a 38 µM sieve and washed with reverse osmosis water into 
a small beaker and transferred into 15 mL tubes and centrifuged at 800 g for a further 3 min. 
The ova in each sample were enumerated by optical microscopy (x200 magnification) using 
Whitlock Universal 4 chamber worm egg counting slides (J. A. Whitlock & Co, Australia), 
each of 500 µL capacity. The enumerated ova were aliquoted (1000±20 ova) into 1 mL 
volume (5% potassium dichromate) in 2 mL Eppendorf tubes and stored at 4
o
C for DNA 
extraction.   
2.2 DNA extraction 
The recovered Ascaris ova (1000±20) were concentrated in 1% PBS to a final volume of 200 
µL. Quick-DNA Fecal/Soil Microbe Miniprep Kit (Zymo Research, Australia) and FastPrep-
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24 classic instrument (MP Biomedicals, USA) were used for DNA isolation from ova. The 
extracted DNA was quantified using the NanoDrop ND-8000 8-Sample Spectrophotometer. 
2.3 Design and screening of RPA primers 
For the singleplex RPA assay, the internal transcribed spacer (ITS) ribosomal DNA regions 
of Ascaris suum (Accession number AB571302) was targeted for amplification.  For the 
multiplex RPA assay, the ITS regions of A. suum (Accession number AB571302) and T. suis 
(Accession number AM993008) were targeted for amplification. The sequences were 
downloaded from Genbank (NCBI). The forward and reverse RPA primers for each helminth 
ova were designed using Primer3 plus (Table 1). RPA primers were designed following the 
TwistDx
TM
 guidelines (TwistDx, Cambridge, UK). The primers were designed to produce the 
smallest possible amplicon (< 300bp) to maximise amplification rates. A gap of at least 52 bp 
was maintained between primers pairs to allow for internal probe design for lateral flow 
detection. 
Primers were screened using the TwistAmp
TM
 Basic kit to determine the best primer pairs 
according to product yield using the TwistAmp
TM
 Basic kit reagents. To prevent cross 
contamination, preparation of all RPA reactions were carried out in a pre-PCR chamber. All 
primer screening was performed using 2 ng of A. suum genomic DNA. 
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Table 1: Oligonucleotide primers used for initial screening  
Assay Primer Helminth Sequence (5’ – 3’) 
RPA primer 
screening 
Asc718F A. suum/A. 
lumbricoid
es 
CTAATCTATGATTCAATATCTCGTTGTAATTT  
 
 Asc881R  AAATTTTTCATATACATCATTATTGTCACG 
 
 Asc709F  CTTATTTAGCTAATCTATGATTCAATATCTC
G 
 
 TS596F T. suis GTTATTAACGACCAATGCAGATAAGC 
 
 TS764R  GTTCAAAGTATTCAAGTTCAGTGTGTC 
 
 TS510F  CATGCTATGTCGGTGAGGTTTAAAGAA 
 
 
Reactions were set-up following the TwistDx
TM
 Basic RPA protocol with each reaction 
containing 29.5 µL rehydration buffer, 2.4 µL of each forward and reverse primer (10 pmol), 
12.2 µL dH2O and 1 µL of A. suum genomic DNA for each reaction mix. The RPA pellets 
were first decanted into 0.2 mL PCR tubes for easier handling; the reaction mix was then 
added, vortexed and spun down and 2.5 µL magnesium acetate was added to each lid making 
a total reaction volume of 50 µL. Tubes were centrifuged and immediately placed into the 
thermocycler and the incubations were initially performed at 37 ⁰
 
C for 20 min. Since this 
assay can be a potential POC detection assay, the reaction tubes were also placed in the hands 
(body temperature) instead of the thermocycler. Amplification products were purified using 
the QIAquick PCR purification kit (Qiagen, Germany) and run on 2 % agarose gel. Negative 
(no DNA template) controls were incorporated into each set of reactions. Primer pairs that 
gave strong positive amplification were selected for further development. Additionally the 
primer pairs that gave the smaller size amplicons were selected to facilitate rapid 
amplification. 
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1.4 Optimisation of lateral flow RPA probe 
Table 2: Oligonucleotide primers and probe specific for A. suum and T. suis 
Assay Primer/Probe Sequence (5’ – 3’) 
RPA-LF Asc718F CTAATCTATGATTCAATATCTCGTTGTAATTT  
 
 Asc881RB Biotin-AAATTTTTCATATACATCATTATTGTCACG 
 
 Asc767P FAM-ATGAGCGAGAGAGAATATATACATCAAAACG-
Tetrahydrofuran-TCTTAAAAGACGATT-C3 spacer  
 
 TS596F GTTATTAACGACCAATGCAGATAAGC 
 
 TS764RD Digoxigenine-GTTCAAAGTATTCAAGTTCAGTGTGTC 
 
 TS661P FAM-GTGCAGGAACTCTTGAAACATGATGACATT-
tetrahydrofuran-CGAACGGCGGATCACTT-C3 spacer 
 
Internal lateral flow RPA probes were designed for the ITS DNA region following the 
TwistDx
TM
 guidelines, with lengths between 46 and 52 nucleotides, containing a 6-carboxy-
fluorescein (FAM) label at the 5’ end. A basic tetrahydrofuran (THF) residue was added to 
the probe sequence and a C3 spacer was incorporated at the 3’ end to prevent extension of 
any unhybridised probe. To enable lateral flow detection, reverse primers were modified by 
attaching biotin to the 5’ end (Table 2). If the probe was labelled with the FAM then the 
reverse primer was labelled with biotin and vice versa. ITS LF-RPA reactions were 
performed using the TwistDx
TM
 nfo kit. Reactions contained 2 ng of A. suum genomic DNA, 
29.5 µL of rehydration buffer, 2.1 µL forward primer, 2.1 µL biotin labelled reverse primer, 
0.6 µL of the specific internal lateral flow probe (10 pmol) and 12.2 µL dH2O for each 
reaction. These were mixed and added to the RPA nfo pellets and then 2.5 µL of magnesium 
acetate was added to the lids before the reactions were closed, centrifuged and incubated in 
the thermocycler at 37 ⁰C for 20 min. For negative control, nuclease free water was also 
included with each set of reaction performed. 
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2.5 ITS RPA-LF amplicon detection 
The amplicons were detected using the Milenia HybriDetect 2T lateral flow dipsticks 
(Milenia Biotec GmbH, Germany). The dipstick has been designed to develop qualitative or 
quantitative rapid test systems for the simultaneous detection of two different analytes. 
Detection occurs in a typical ‘sandwich’ format, with the target, in this case the probe 
forming a conjugate with recognition anti-FAM antibodies on the sample application area, 
and is then captured at the test line by anti-biotin and anti-digoxigenine antibodies to form a 
complex with colloidal gold producing a coloured signal. A control line is also visualised on 
the test strips to prevent any false negatives through failure of the lateral flow strips.  
To prevent contamination of RPA amplicons, post-amplification processing of the ITS RPA 
assays for lateral flow detection was carried out in different rooms of the laboratory. RPA 
amplification product (5 µL) was added to 100 µL HybriDetect buffer. The detection strip 
was placed vertically into the tube containing the mix with the sample application pad 
submerged in the solution. Results were read between 2 and 5 min. 
2.6 Reaction time and amplification temperature 
To test the optimal amplification time for A. suum primers, the RPA amplification was 
performed at 37 ⁰C for 5, 10, 20, 25, 30 and 40 min using 2 ng genomic DNA of A. suum as 
template and the lateral flow dipsticks were incubated at room temperature for 5 min.  
To evaluate the optimal amplification temperature, RPA assays were tested on template DNA 
(2 ng) at different reaction temperatures 20, 25, 37, 40 and 45⁰C for 20 min. Incubations were 
performed in a standard PCR machine set at the required temperature. Reactions were 
manually mixed in the initial 5 min to prevent localised depletion of reagents caused by 
viscosity of the reaction mix.  
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2.7 Detection limit and specificity 
Serial dilutions of A. suum were made by diluting 20 ng/ µL stock DNA with water to give 
dilutions of 2 ng/ µL, 200 pg/ µL, 20 pg/ µL, 2 pg/ µL, 200 fg/ µL, 20 fg/ µL and 2 fg/ µL of 
DNA. ITS RPA-LF reactions were tested on these DNA dilutions to determine the analytical 
sensitivity of these assays. All reactions were run in the thermocycler at 37 ⁰C for 20 min. 
To determine the cross reactivity of the RPA-LF assays, DNA from other organisms such as 
Trichuris suis (whipworm), Haemonchus contortus (sheep hookworms) and A. lumbricoides 
were utilised. Faecal samples from pigs infected with T. suis were obtained from an abattoir 
in Laverton, Australia, and the ova were recovered using Tulane method with minor 
modifications (21, 50). Genomic DNA of A. lumbricoides and H contortus were obtained 
from the Faculty of Veterinary and Agricultural Sciences, The University of Melbourne. 
Since DNA of the human hookworms Ancylostoma duodenale and Necator americanus were 
not readily available, NCBI BLAST was performed to evaluate whether the primers could 
result in cross reactivity to these organisms. 
2.8 Multiplex RPA-LF to detect two different helminth ova genera in wastewater 
A multiplex RPA-LF was performed to detect two different helminth genera A. suum and T. 
suis in a single lateral flow strip using wastewater from Lang Lang wastewater treatment 
plant of South East Water, Victoria. Faecal samples from pigs infected with T. suis were 
obtained from an abattoir in Laverton, Australia and the ova were recovered using a modified 
version of the Tulane method (21, 52). Wastewater (200 µL) was seeded with 200 (±10) A. 
suum and T. suis ova each and genomic DNA was isolated using Isolate II Genomic Spin 
Column kits (Bioline, USA). The primers and probe for T. suis were designed according to 
the manufacturer’s protocol (TwistDxTM, Cambridge, UK) and utilised for this assay. The 3’ 
end of Asc881RB was labelled with biotin while the 3’ end of TS764RD was labelled with 
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digoxigenine. To detect the specificity of the primers, DNA of both A. suum and T. suis (2 
ng) were amplified using RPA at 37 ⁰C for 20 min, followed by visualisation using lateral 
flow dipsticks. 
3. Results 
3.1 Optimisation of A. suum primers (Asc718F/Asc881R) 
The ITS primer combinations successfully amplified 2 ng of A. suum DNA. The primers also 
amplified A. lumbricoides DNA. This could be due to STH’s morphological and genetic 
similarities with A. suum. Agarose gel electrophoresis confirmed the target DNA amplicon 
lengths were as expected for each primer pair (Fig 1). The primer pair (Asc718F/Asc881R) 
with the best band and a shorter amplicon (164 bp) was chosen for further assays as a shorter 
amplicon was more desirable to equate a faster amplicon rate and generates fewer primer 
artefacts providing greater sensitivity. Due to high cost of the internal LF probes, only a 
single ITS probe was designed. 
 
 
 
Fig 1: Validation of Asc718F/Asc881R primer pair for target Ascaris DNA: 1) 100 bp 
Ladder, 2) Ascaris suum, 3) A. lumbricoides, 4) A. suum (1:10 genomic DNA dilution), 5) 
A.lumbricoides (1:10 genomic DNA dilution), 6) Trichuris suis, 7) No template (negative 
control) 
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3.2 Evaluation of reaction time and amplification temperature 
RPA amplification was performed at 37⁰C for 5-40 min while the LF incubation was 
conducted at room temperature for 5 min. A faint test line was visible at an amplification 
time of 5 min; however as the amplification time increased to 10 min, the performance 
improved with a strong positive signal at the test line (Fig 2A). To provide maximum 
sensitivity while keeping the assay rapid for use at the point-of-care, we recommend an 
amplification time of 20 min, despite the fact that 5 min amplification was sufficient to detect 
the pathogen. The whole assay time including RPA amplification time and dipstick 
incubation time was just 30 min or less. 
The results for the optimal amplification temperature showed that the assay could be 
performed at a wide range of temperatures ranging from 25 to 45⁰C (Fig 2B). The intensity of 
brightness in the test bands changed with the temperature suggesting that temperature was a 
crucial factor for efficient amplification. A clear visible band appeared at 37⁰C and it was 
chosen at the optimal temperature for amplification of A. suum DNA.  
  
Fig 2A: Determination of reaction time for RPA-LF assay using primers for A. suum: 1) 5 
min, 2) 10 min, 3) 20 min, 4) 25 min, 5) 30 min, 6) 40 min and 7) Control (no template); Fig 
2A 2B 
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2B Determination of amplification temperature for RPA-LF assay: a) 20 ⁰C, b) 25⁰C, c) 37 
⁰C, d) 40 ⁰C, e) 45 ⁰C, f) No template control 
3.3 Evaluation of detection limit and specificity 
The detection limit of RPA-LF assay was assessed by using 2 ng of genomic DNA of A. 
lumbricoides and serial dilutions of genomic DNA of A. suum ranging from 2 nanogram (ng) 
to 2 femtogram (fg) each reaction. Nuclease free water was used as the negative control. The 
presence of two solid bands is indicative of a positive result, while only the control band 
indicates a negative result. As shown, two solid bands (purple coloured) on each lateral flow 
strip were observed after amplification at 37 ⁰C for 20 min and incubation for 5 min (LF) in 
all the dipsticks from 2 ng to 2 fg except the control (Fig 3). The results show that the RPA-
LF assay was able to detect as low as 2 fg genomic DNA and has the potential to detect even 
one helminth ovum.  
 
Fig 3: Sensitivity of RPA-LF primers for Ascaris: a) A.lumbricoides 2 nanogram (ng) DNA, 
(b-g) A.suum, b) 2 ng, c) 200 picogram (pg), d) 2 picogram, e) 20 femtogram (fg), f) 2 fg, g) 
Control 
a c d e f g b 
92 
 
To determine the analytical specificity of RPA-LF assay, 2 ng of genomic DNA from A. 
suum, A. lumbricoides, T. suis and H. contortus were used. Nuclease free water was used as 
the control. As shown in Fig 4, a clearly visible test band was observed only on A. suum and 
A. lumbricoides lateral flow dipsticks, while no signals were obtained from the lateral flow 
strips with genomic DNA of other two helminth ova genera. These results revealed that the 
RPA-LF assay was highly specific for its target DNA of Ascaris ova.  
 
Fig 4: Evaluating the specificity of Ascaris primers using RPA-LF assay: a) Ascaris 
lumricoides, b) Ascaris suum, c) Trichuris suis, d) Haemonchus contortus, e) Control 
3.4 Multiplex RPA-LF assay 
The results for multiplex RPA-LF to detect A. suum and T. suis in a single strip showed the 
capability of the primers specific for the target DNA with no cross reactivity. A clear visible 
test band was observed at the bottom indicating the detection of A. suum and the test band 
below the control band indicates the presence of T. suis. However, the reaction tube 
containing DNA and primers of both A. suum and T. suis showed three bands indicating the 
control band and both the test bands with purple colour detecting the presence of both 
helminth ova genera (Fig 5). 
a b d e c 
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Fig 5: Multiplex RPA-LF: C) Control (no template), A) A. suum and T.suis DNA with , T) 
T.suis and A.suum DNA with , A+T) Both A.suum and T.suis DNA and primers 
4. Discussion 
A diagnostic test that is both sensitive and specific is of importance to successfully detect the 
presence of Ascaris ova in recycled water prior to release for public use (53). Such a test also 
will also help to monitor the transmission of ascariasis, especially in low endemic areas and 
resource limited settings. Molecular diagnostics are the gold standard for several pathogens 
due to their greater specificity and sensitivity (6, 54). However PCR based methods although 
sensitive, are expensive, difficult to use in low resource settings and experience slow 
turnaround times (55). Here, using the existing TwistDx platform, RPA has been coupled 
with lateral flow (RPA-LF) assay to detect Ascaris species (singleplex RPA) in seeded 
wastewater. Furthermore, a novel duplex RPA-LF assay was performed to detect ova from 
two different helminth genera (A. suum and T. suis) in a single LF strip. 
Ribosomal ITS DNA of A. suum was used to design primers and probe from which the best 
primer pair that produced shorter amplicons was chosen. The assay was repeated at least 
twice with the primer pairs to avoid false positive results probably due to some primer/probe 
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secondary structure of hairpins possible causing non-specific amplification. Such non-
specific products were visualised by gel electrophoresis of the ITS RPA-LF reactions. False 
positives were controlled with the addition of dimethyl sulfoxide (DMSO) which is often 
used in nucleic acid amplification to prevent secondary structures where there is a high GC 
content (56).  
The RPA-LF assay described here was able to detect as low as 2 fg of genomic DNA of A. 
suum. This level of sensitivity is enough to detect even one ovum in large volumes of 
wastewater samples. Post-amplification contamination with RPA-LF assay can be inimised 
by the following: reaction tubes should be carefully opened and closed, gloves should 
frequently be changed, pre- and post-RPA amplification must be prepared at different 
chambers or locations of the laboratory, and reaction time should be shortened if possible.  
Furthermore, this RPA-LF assay showed no cross-reaction with non-related targets and was 
highly specific for Ascaris ova. Additional benefits of this assay were the constant 
amplification temperature and shorter reaction time. Our study indicated that the assay could 
run well from 25 to 45 ⁰C. In other words, the method could tolerate temperature variations 
and no special heating device is required to perform the reaction tubes. Also, placing the 
reaction tubes in the hand is sufficient for amplification. Besides, the reaction time of the 
RPA-LF assay from amplification to detection by visualisation of purple coloured bands was 
30 min or less which was particularly advantageous compared with existing isothermal 
systems such as Loop Mediated Isothermal Amplification (LAMP) that needs higher 
temperatures of 64 ⁰C for 90 min (29). Subsequently, the results for the validation of RPA-LF 
to detect Ascaris ova in seeded wastewater showed that turbidity did not hinder the sensitivity 
of this assay which could be ideal for the onsite detection of helminth ova in wastewater 
treatment plants. 
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Furthermore, the multiplex RPA-LF assay showed that the assay was effective in detecting 
the ova of A. suum and T. suis in a single LF strip. Multiplex RPA-LF based detection of two 
different pathogens in a single strip could significantly reduce time, cost and labour (48, 57). 
The assay’s utility depends on what the diagnostic requirements are for the assays and if 
specificity is a priority. With further optimisation and validation the RPA-LF assays may 
prove to be a feasible detection test for Ascaris species in wastewater. Moreover, the results 
denoted that the technique is quite user-friendly and could be performed by untrained 
personnel in wastewater treatment plants. No sophisticated devices or training is required 
making this approach ideal for endemic and resource limited areas.  
5. Conclusion 
The RPA-LF reported in this study was rapid and highly sensitive in the detection of A. suum 
ova. Additionally, for the first time, the ova of two different helminth genera were able to be 
detected in a single strip using a multiplex approach. However the effectiveness of this assay 
for the detection of helminths must be fully evaluated with wastewater exhibiting varying 
turbidity and from endemic regions before this assay can be considered for routine point-of-
care detection of STHs in wastewater treatment plants. Overall, RPA is an alternative DNA-
based method and overcomes several of the obstacles encountered by traditional DNA-based 
diagnostics. RPA also demonstrated performance characteristics which suggest an application 
for POC use. RPA reactions can operate at temperatures as low as 25 ⁰C, albeit slower, so 
DNA amplification can be achieved using ambient temperature, body heat, room temperature 
or low battery powered incubators making the assay highly feasible in low resource settings 
where a reliable means of power supply may not be available.  
RPA together with the LF detection system is simple to use and requires little in the way of 
training with results easily interpreted by untrained personnel. Furthermore, development of a 
96 
 
device-free simple and rapid DNA extraction method can be combined with RPA-LF for 
efficient onsite diagnostic purpose.  
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With an estimated prevalence of over 1.5 billion worldwide, soil-transmitted helminths, 
especially Ascaris spp., Trichuris spp., and hookworms, are of significant concern in 
countries with poor sanitation and hygiene [1]. Various interventions such as mass drug 
administration (MDA), water sanitation and hygiene (WASH) programs combined with 
public health education have been introduced to control helminth infections in those countries 
[2, 3]. However, the combined effort to control of infection caused by STHs in poverty-
stricken communities has proven difficult [4, 5]. This may be because of various reasons such 
as poor sanitation and hygiene and the fact that the livelihood of many people from 
developing countries depend on agriculture, where partially treated wastewater, raw 
wastewater and sludge is widely used thereby significantly increasing the load of viable STH 
ova into the environment [6, 7]. 
The WHO guidelines for the safe reuse of wastewater in agriculture has specified a limit of  ≤ 
1 ova per L and recommends additional measures to protect the health of pre-school and 
school-aged children via mass drug administration [8]. Despite, adequate treatment processes, 
the thick multilayered ova of soil-transmitted helminths offers resistance against 
environmental stress and disinfection process. Consequently, in Australia, the AGWR 
recommends a lagoon hydraulic retention time of ≥ 25 days to achieve a log reduction value 
of 4.0 for the management of STH associated risks to humans [9]. For accurate risk 
management, it is essential to utilise sensitive and specific detection methods for STH ova 
[10]. Nevertheless, presently, there is no consensus with the adoption of a uniform method 
for the quantitative detection of viable STH ova [11, 12]. With this in mind, an approach to 
develop improved detection methods for STH in wastewater was proposed that could 
possibly replace currently available methods that lack fast turnaround times, sensitivity, 
specificity and reliability.   
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The basis of a precise quantification method is to achieve high recovery of ova from 
wastewater samples. The first protocols utilised for the quantification of viable helminth ova 
in wastewater were based on the methods for the isolation of STH ova from stool samples. 
Since it was unknown that the chemical compounds used for the recovery and purification of 
helminth ova in wastewater and sludge could interfere with their integrity and viability, the 
first protocols tested presented low accuracy [13]. However, over the years, to ensure the 
viability of the recovered ova, several studies were conducted to determine the optimal 
processing and incubating conditions of the samples [14, 15, 16]. Following the publication 
of the guidance EPA/625/R-92/013, several attempts to develop and standardize a method for 
the determination of viable ova have been carried out [17, 18]. Despite these attempts there 
still remains a need for the development of a standard, highly accurate method for the 
quantification of helminth ova in wastewater. This method would also have to ensure the 
reproducibility of the tests [19] and guarantee the highest recovery of inoculated eggs in a 
sample. Additional features include high sensitivity, rapidity and easy implementation [20].  
Various methods have been used previously to recover STH ova from wastewater matrices 
with variable degrees of success [19, 21]. Furthermore the US EPA recommended the Tulane 
method as the standard for ova recovery and enumeration, however it has limitations such as 
being time-consuming (up to 4 weeks) and yielding a low recovery rate [22, 23]. Therefore, 
in Chapter 4, a modified method was developed to recover and enumerate Ascaris ova in 
wastewater and sludge. Recovery of STH from wastewater matrices involves five key 
processes: homogenisation, chemical dissociation from the matrix, filtration, sedimentation 
and flotation [6]. As an initial step, sample homogenization can yield more reliable estimates 
of concentration because STHs are often unevenly distributed within the environmental 
samples. Sample homogenization helps to lower variability between samples due to any loss 
of STH associated with discarding the sample during processing. Helminth ova tend to adhere 
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to solid particles in wastewater and thus chemical dissociation from the particles in a matrix 
improves homogenization and prevents loss of ova as matrix are removed during subsequent 
processing steps [10]. Addition of the anionic detergent 7X (1%) in the modified method 
could have displaced the phosphate anions found on the outermost wall of ova from cationic 
sites on solid matrix. Filtration by sieving helps to remove larger particles that can interfere 
with STH recovery and detection. When the contents retained on a sieve are to be discarded, 
there is a risk of loss of ova associated with the discarded material. Homogenisation and 
dissociation of ova from the matrix prior to filtration helps to mitigate this risk [19]. Some 
protocols use very fine mesh sieves to retain ova and larvae while passing flotation solution 
and smaller particles through. Careful matching of mesh size to the target STH is important 
as meshes small enough to retain Ascaris ova may allow Trichuris ova to pass through if they 
are oriented along their long axis [12]. 
Sedimentation is used to concentrate STH at the bottom of a sample suspension resulting in a 
reduced sample volume that is suitable for examination or further processing. The 
sedimentation process may be accelerated with the assistance of a centrifuge or allowed to 
proceed passively [24]. The passive settling velocities of STH depend on their size and 
density, as well as the properties of flocs they form with other particles, which may vary 
between STH species. For example, the settling of Ascaris ova is more rapid in wastewater 
compared with tap water (57.6 cm/h vs 21.6 cm/h) while the settling rates of Trichuris ova 
were slower in wastewater than tap water (32.4 cm/h vs 54.0 cm/h) suggesting that the flocs 
formed by Trichuris settle more slowly than those formed by Ascaris [25]. 
Furthermore flotation solutions must be denser than the helminth ova of interest as they 
provide increased sensitivity of microscopic and quantification methods via removal of 
sediment and polymerase inhibitors [19]. The recovery rates of STH ova from wastewater 
and sludge for various published methods using flotation solutions range from less than 10% 
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to over 50% [11, 23, 26]. De Souza et al. were able to recover 36% of Ascaris ova seeded 
into wastewater using zinc sulfate (specific gravity 1.18) as the flotation solution. However 
magnesium sulfate (SG 1.20) used in the modified method was more effective in recovering 
Ascaris ova from wastewater and sludge (> 60%) [27]. Maya et al. were able to recover 80% 
of Ascaris ova seeded into well water and could detect as little as 1 ovum per liter using 
centrifugal flotation method (zinc sulfate, SG 1.3) with 0.1% Tween 80 as detergent, yet the 
processing time was two days [28]. Although the recovery was slightly higher, it was time-
consuming. However the modified method developed during this thesis showed enhanced 
recovery of seeded Ascaris ova from wastewater and sludge within 2 hours determining its 
efficacy over the currently available published method to recover STH ova.  
Despite the modified method exhibited enhanced ova recovery in minimal processing time, 
there were drawbacks such as differentiation of STH ova with similar morphology. For 
instance, A. lumbricoides and A. suum cannot be differentiated with visual observation by 
microscopy which was also evident during our research. Furthermore, analysis of large 
sample volumes was a constraint. Thus the results obtained by conventional methods may not 
be precise and accurate in assessing health risks. PCR-based methods have shown advantages 
over conventional methods in terms of being sensitive, specific and rapid [18, 29]. However 
one of the major limitations of PCR-based methods is the inability to distinguish viable and 
non-viable ova in a sample which may result in the overestimation of STH ova, thereby the 
infection intensity [30]. Detection of viable ova is critical to evaluate the potential human 
health risks associated with the reuse of wastewater in agriculture to meet the WHO 
guidelines. With the low infective dose of soil-transmitted helminthes, in particular, Ascaris 
lumbricoides (1-10 viable ova), it is essential to know what fraction of the PCR amplified ova 
are viable for the accurate public health risk assessment [12]. Currently utilised methods to 
detect viable Ascaris ova are not well suited for use in parasite control programmes because 
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culture-based methods potentially underestimate the numbers of viable ova and the BacLight 
Live/Dead staining method is quite laborious [22, 30].  
Therefore, in Chapter 5, propidium monoazide (PMA), a DNA intercalating dye, was 
combined with qPCR to determine the viability of Ascaris ova. PMA penetrated the non-
viable ova and bound to the DNA thereby inhibiting its amplification while exerting no effect 
on the viable ova allowing its amplification. To evaluate the best method for viability 
determination, PMA-qPCR was compared with culture-based and BacLight live/dead staining 
methods. The results revealed that there was no statistical difference in the percentage 
viability of A. suum ova between the three methods. The major disadvantage of microscopy 
based methods in this study was a loss of significant numbers of ova which might be 
associated with either inbuilt errors of microscopy or individual judgement while identifying 
Ascaris ova during visualisation. This phenomenon, however, was not observed while using 
PMA-qPCR method because the method quantifies ova on the basis of amplified gene copy 
numbers with no inbuilt error and less individual judgement. However, there is a lack of clear 
information regarding the accurate gene copy numbers per ovum as the ITS-1 region 
amplified by PMA-qPCR method has multiple copies, denoting that a kinetic study starting 
with an early stage of ova and ending just before the third stage larvae would be appropriate 
to estimate the numbers of gene copies per ovum. Since Ascaris has low infectivity dose, any 
PMA-qPCR positive signals should be considered as a health risk. Despite the difficulty in 
estimating accurate gene copy numbers per ovum, the result indicated that the approach taken 
in this study could be used for in vitro viability assessment of Ascaris and other STH ova.  
Despite PMA-qPCR having greater specificity, sensitivity and can determine viability [12, 
31], they are expensive to be utilised in low-resource settings, in addition, require a skilled 
personnel [32]. This led to the development of a point-of-care detection assay based on 
isothermal amplification in Chapter 6.  Here, using the existing TwistDx platform, RPA has 
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been coupled with lateral flow (RPA-LF) DNA amplification and detection system to detect 
A. suum and A. lumbricoides, which was validated further for the onsite detection of Ascaris 
ova in wastewater treatment plants. 
The RPA-LF assay described here was able to detect as low as 2 fg of genomic DNA of A. 
suum. This level of sensitivity was enough to detect even one ovum in large volumes of 
wastewater samples. Furthermore, this RPA-LF assay showed no cross-reaction with non-
related targets and was highly specific for Ascaris ova. Additional benefits of this assay were 
the constant amplification temperature (25-45 ⁰C) and a short reaction time of 30 min [33]. In 
other words, the method could tolerate temperature variations and no special heating device is 
required to perform the reaction tubes [34]. Also, placing the reaction tubes in the hand is 
sufficient for amplification. Furthermore, this technique is user-friendly and could be 
performed by untrained personnel in wastewater treatment plants. No sophisticated devices or 
training is required making this approach ideal for endemic and resource-limited areas. 
Subsequently, the results for the validation of RPA-LF to detect Ascaris ova in wastewater 
showed that this assay can be ideal for the detection of helminth ova in wastewater water 
treatment plants. Another study involving the multiplex RPA-LF based detection of two 
different pathogens in a single strip revealed that this technique could significantly reduce 
time, cost and labour. With further optimisation and validation the RPA-LF assays may prove 
to be a feasible detection test for Ascaris species and other STHs in wastewater.  
Despite the feasibility of molecular techniques, PCR inhibitors could be an issue for regular 
monitoring of viable pathogens in wastewater and sludge samples [35]. Also, commercially 
available DNA extraction kits may not always eliminate PCR inhibitors, especially from 
wastewater samples [12]. Furthermore, the DNA extraction kits are mostly optimised for the 
extraction of bacterial genomes, however the ova shell is much tougher than the cell walls of 
bacteria leading to a lower DNA yield thereby affecting the sensitivity of molecular assays. 
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To overcome such limitations, in chapter 7, a simple colourimetry-based assay using the 
surface property of Ascaris ova for in-situ biosynthesis of gold nanoparticles via reduction of 
tetrachloroauric acid was developed as an alternative to molecular techniques. A colour 
change with the synthesis of gold nanoparticles by A. suum was visible and was confirmed 
with SEM and EDX analysis. Despite a simple method, validation with other STHs and field 
based studies could be essential to evaluate this assay as a means of point-of-care detection 
method.  
 
Conclusion 
The research conducted in this thesis has highlighted the potential of new detection methods 
that have demonstrated reproducible sensitivity and improved detection compared to the 
currently utilised methods for the detection of STH ovas. Furthermore this study has paved 
way for the development of methods that can be used both in the laboratory and field scale. 
One of the major findings of this study is the development of a method that showed increased 
recovery of Ascaris ova compared to the other publiched methods in addition to minimal 
processing time and less utilisation of chemical reagents. This outcome is significant as 
effective ova recovery with fast turnaround times will provide an accurate estimation of the 
ova concentration in wastewater in less time. However validation and quality control/quality 
assurance for this assay to recover STH ova from other environmental matrices such as stool, 
soil and vegetables is required to evaluate its potential as the universal method. 
Viability determination has always been a major limitation in the estimation of infection 
intensity, however, the development of PMA-qPCR in this study was able to distinguish 
between viable and non-viable Ascaris ova within 2-4 h. This molecular technique could be 
potential only for lab-based studies as sophisticated devices are required. Consequently, it led 
to the development of singleplex (Ascaris) and duplex (Ascaris and Trichuris) isothermal 
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amplification assays based on recombinase polymerase amplification coupled with lateral 
flow detection system which was rapid, highly sensitive, specific and user-friendly. Further 
refinement can always be made with the advent of new technologies, however, the 
preliminary results from Chapter 7 revealed that gold nanoparticles can be utilised to develop 
cost-effective colorimetric biosensors for the detection of STH ova in wastewater. Overall, 
this thesis has led to the development of different methods to detect the ova of soil-
transmitted helminths in wastewater, in particular, Ascaris. Despite each of the detection 
methods included in this thesis have its own advantages, the RPA-LF system outperformed 
the other methods and could be more beneficial in terms of sustainability, sensitivity, 
specificity, rapidness, affordability, being user friendly. Additionally this method could be 
utilised in endemic and resource limited areas without the requirement of sophisticated 
equipment and skilled personnel thereby having the potential to nearly fulfil the criteria for an 
ideal point-of-care test ‘ASSURED’ as specified by WHO.  
 
Future studies 
It is necessary to validate the modified assay developed during this thesis for the recovery of 
STH ova in other environmental matrices to evaluate the recovery efficiency. For rapid 
detection, an increased detection accuracy and decreased detection time are essential. 
Therefore novel nanoparticles and rational biosensing strategies would be developed. 
Furthermore, utilisation of breakthrough technologies like CRISPR/Cas in combination with 
RPA and validation based on field trials can assure the sensitivity, reliability and suitability 
for point-of-care us, especially in wastewater treatment plants and endemic countries. In 
addition, development of lateral flow assays without DNA extraction and amplification 
would be critical for simple assay with rapid turnaround time. Utilisation of dyes such as 
PEMAX in molecular techniques could improve viability determination. Furthermore, 
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research aimed at methods that can guarantee adequate sampling and analytical control and 
that can possibly assure accuracy, speed and precision will be of fundamental importance to 
develop a standard protocol for analysis. This could result in the development of a universal 
method, suitable for all environmental matrices.  
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